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MANAGEMENT OF SUGARCANE APHID (MELANAPHIS SACCHARI) USING 
BIOLOGICAL AND CULTURAL TACTICS IN KENTUCKY 
 
In 2013, a new aphid pest of sorghum, the sugarcane aphid Melanaphis sacchari 
Zehntner (Hemiptera: Aphididae), was found in the southern US, and caused significant 
yield loss in sorghum. Since then, M. sacchari has spread to most of the sorghum 
growing regions. Unmanaged populations can cause complete crop loss in grain, forage 
and sweet sorghum. M. sacchari cannot survive winters without a live plant tissue and 
must recolonize much of its pest range annually. Sweet sorghum (Sorghum bicolor) is an 
important crop for many growers in Kentucky, producing $16-25 million a year from its 
syrup. Biological control of M. sacchari may be most effective when aphid densities are 
low. Several species of natural enemies attack M. sacchari, however, they are generally 
not in high enough numbers to suppress the pest’s population outbreaks.  
Habitat manipulations can be made to improve natural enemy abundance and 
fitness in the field. Manipulations can be targeted to improve natural enemies, not just 
during the growing season when they are active, but during their winter dormancy. In 
addition, damaging levels of M. sacchari can be avoided if the crop is harvested prior to 
the damaging levels of M. sacchari. Here, I investigated the biological control of M. 
sacchari by trying to enhance natural enemies prior to M. sacchari outbreaks as well as 
testing the effects of sweet sorghum planting date to avoid the large and damaging 
populations of M. sacchari at the end of the season.  
Overwintering habitat conditions can influence the health and abundance of 
beneficial insects in the spring, potentially increasing natural enemy abundance in the 
summer. Overwintering predacious lady beetles had a higher survival and spring 
reproduction when given access to prey, and to a lesser extent sugar in a two-year 
combined field and laboratory study. During the early part of the growing season, crop 
fields often have few resources to maintain natural enemy populations. Providing food in 
the form of flower nectar from buckwheat and lures emitting herbivore induced plant 
volatiles to attract natural enemies has increased natural enemy abundance in other crops. 
Three years of field trials found no effect of either treatment in sweet sorghum on natural 
enemy abundance or pest suppression. Buckwheat flowers were only attractive within the 
buckwheat border strips, the increase in natural enemies did not extend to the neighboring 
sweet sorghum. No evidence of parasitoid attacks was observed on M. sacchari in central 
Kentucky. Laboratory and greenhouse trials determined two parasitoid species, Aphidius 
     
 
colemani Viereck (Hymenoptera: Braconidae) and Aphidius ervi Haliday suppressed M. 
sacchari populations and produced viable offspring. Parasitoids can be an important part 
of aphid biological control and their addition could help suppress M. sacchari 
populations. Further research is needed to determine how these parasitoids interact with 
M. sacchari in the field.  
In addition to the manipulation of natural enemies, altering planting date can also 
aid in pest management. Planting earlier in the growing season has been recommended as 
a means of avoiding the large M. sacchari populations that develop late in the growing 
season but has not been experimentally tested. Three planting dates, separated by 30 
days, were tested over a three-year period. Planting early had a lower density of M. 
sacchari, it also reduced sweet sorghum yield. Early planting and faster maturing 
cultivars, however, may still be a viable option for growers who do not use the insecticide 
available for sweet sorghum. Multiple compatible tactics need to be developed to 
sustainably manage M. sacchari which act to reduce aphid densities. The diverse projects 
discussed in this dissertation highlight the necessity of treating crop fields as ecosystems 
by considering the entire life history of pests and connections to the surrounding 
environment.   
 
KEYWORDS: Integrated Pest Management, Habitat Manipulation, Overwintering, 
Parasitoid, Planting Date, Biological Control 
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CHAPTER 1. INTRODUCTION 
1.1 Melanaphis sacchari  
Melanaphis sacchari Zehntner (Hemiptera, Aphididae), sugarcane aphid, is a 
global pest of sugarcane (Saccharum officinarum L.) and sorghum (Sorghum bicolor L.) 
(Singh et al. 2004). In addition, M. sacchari is capable of developing on over 20 varieties 
of grasses including common weeds such as Johnson grass (Sorghum halepense L.) 
(Singh et al. 2004). Since its arrival to the continental US in the 1970s M. sacchari was 
only an occasional pest of sugarcane (Denmark 1988). In 2013 M. sacchari was reported 
in large numbers on sorghum in Texas, Louisiana, Mississippi, Oklahoma and 
northeastern Mexico (Brewer et al. 2017). Over the past seven years it has emerged as a 
serious pest of sorghum in much of the US (Brewer et al. 2019). Left unmanaged, M. 
sacchari can cause significant economic loss to grain (Bowling et al. 2016, Gordy et al. 
2019) and sweet sorghum (Villanueva 2016) and potentially lead to crop failure. The host 
shift from sugarcane to sorghum has been attributed to a new asexual clonal strain of M. 
sacchari colonizing North America from possibly Africa, or more likely Asia (Nibouche 
et al. 2015, 2018, Harris-Shultz et al. 2017).   
To survive winter in North America, M. sacchari requires live leaf tissue to feed 
on which limits its overwintering range to the southern regions of the US (Brewer et al. 
2019). In the late spring, M. sacchari begins to migrate north, dispersing on wind currents 
(Lagos-kutz et al. 2018). M. sacchari arrives in Kentucky between late June and early 
August (Villanueva 2016). Once established on host plants, M. sacchari can reproduce 
rapidly. At temperatures ≥26oC M. sacchari females can produce up to 98 nymphs over 
their 2-5 week life on grain sorghum (Hinson 2017), this can quickly lead to thousands of 
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M. sacchari on the underside of a single leaf (Bowling et al. 2016, Brewer et al. 2017). 
M. sacchari disrupts grain sorghum production in a few ways. M. sacchari feeds on plant 
sap, removing nutrients from the plant and in large enough densities, kills the plant 
(Bowling et al. 2016). While feeding on plant sap, M. sacchari must filter out and excrete 
excess sugar and liquid, and this excretion is called honeydew. Honeydew builds up on 
the upper surfaces of lower leaves and provides a suitable substrate for sooty mold, which 
can block light to the leaf, inhibiting photosynthesis. In pecans, sooty mold from three 
species of aphids’ honeydew reduced light to leaves by 50%  (Smith and Tedders 1978). 
In addition, the high densities of M. sacchari and honeydew produced by the aphids on 
grain sorghum may impede harvest equipment, requiring frequent cleaning of machinery 
(Bowling et al. 2016).  
1.2 Melanaphis sacchari on Sweet Sorghum 
Sweet sorghum is grown primarily for the syrup extracted from the stalk juice. M. 
sacchari infestations likely cause similar damage to sweet sorghum as they do to grain 
sorghum, removing sap and reducing photosynthesis. Sweet sorghum growers have also 
noted that M. sacchari infestations can cause undesirable flavors in syrup (R. Bessin pers. 
comm). Unmanaged M. sacchari in sweet sorghum can cause complete crop loss, leading 
some growers in Kentucky to stop growing sweet sorghum due to the difficulty in 
managing this pest (R. Bessin pers. comm.). Sweet sorghum is a profitable crop, with 
>800 hectares estimated to be cultivated in Kentucky, producing $16-25 million gross 
revenue. Hectares and gross revenue estimates are based on R. Bessin communications 
with growers and extension agents because sweet sorghum is not tracked by United 
States Department of Agriculture. In addition to economic disruptions, communities also 
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suffer culturally since there are numerous yearly festivals in Kentucky based on sweet 
sorghum.  
1.3   Current Management on Sweet Sorghum 
Insecticides (Bowling et al. 2016, Buntin and Roberts 2016, Davis et al. 2019), 
resistant plant lines (Armstrong et al. 2015, Szczepaniec 2018, Gordy et al. 2019) and 
planting date alterations (Szczepaniec 2018, Haar et al. 2019, Seiter et al. 2019) have 
been developed for M. sacchari management on grain and forage sorghum. However, 
little research has focused on M. sacchari on sweet sorghum. Management options for M. 
sacchari in US sweet sorghum are limited. Chemical control can be done with either 
flupyradifurone (Sivanto® Prime, Bayer CropScience, Leverkusen, Germany) or 
insecticidal soap. Flupyradifurone is effective at reducing M. sacchari in grain sorghum 
(Buntin and Roberts 2016, Black et al. 2018, Zarrabi et al. 2018, Davis et al. 2019) and is 
reported to be effective in sweet sorghum as well. Flupyradifurone for M. sacchari on 
sweet sorghum is currently available only under a Section 18 Emergency Exemption by 
the Environmental Protection Agency (EPA) for Kentucky. Emergency exemption labels 
must be reapplied yearly by the state and are not guaranteed to be renewed. To use a 
pesticide under this exemption, the applicator must also have a pesticide license, which 
not all sweet sorghum growers have. Growers have reported good efficacy with 
insecticidal soap. However, it requires more thorough contact with M. sacchari than 
flupyradifurone, which can be difficult in the 3 m tall canopy of sweet sorghum. 
Application timing of either insecticide in sweet sorghum is based on grain sorghum 
economic thresholds (Gordy et al. 2019). At a minimum, eight randomly selected sets of 
five plants should have one leaf per plant between chest and knee height checked for 
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aphids. If a quarter of the leaves checked have ≥40 M. sacchari, insecticidal applications 
should be made. Cultural control options aim to limit the amount of time sweet sorghum 
is exposed to M. sacchari. Choosing a variety that matures quickly is an option, however, 
these varieties have lower yields than later maturing varieties (Burks et al. 2013). 
Harvesting early can avoid complete crop loss, but again reduces yield (Almodares et al. 
2007). Another tactic is planting sweet sorghum earlier to reduce the exposure to 
damaging levels of M. sacchari. Planting date can have variable effects on sweet 
sorghum yield (Broadhead 1972, Erickson et al. 2011, Teetor et al. 2011). Sweet sorghum 
varieties vary in the amount of leaf damage they sustain from M. sacchari; however, the 
relationship between syrup reduction and M. sacchari densities has not been determined 
(Uchimiya and Knoll 2019). Currently there are not known sweet sorghum lines with 
resistance to aphids. Reliance on a limited set of management tactics is not sustainable 
and additional tactics need to be developed.  
1.4 Dissertation Objectives 
The overall objective of this dissertation was to test various biological and cultural 
control tactics for their efficacy in managing M. sacchari on sweet sorghum. Biological 
control can be an effective component of aphid management in agriculture systems 
(Caltagirone 1981, Messina and Sorenson 2001, Michels et al. 2001, Colares et al. 2015a, 
Brewer et al. 2019). Many natural enemies in North America attack M. sacchari (Colares 
et al. 2015b, Maxson et al. 2019), but these natural enemies are not abundant enough 
early in the season to prevent M. sacchari population growth and crop loss (Brewer et al. 
2017). Increasing natural enemies early in the season can prevent pest population build 
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up (Athey et al. 2016). In addition, how cultural practices that are being recommended in 
Kentucky for M. sacchari in sweet sorghum need to be explored to determine efficacy.  
The first objective was to test how manipulation of food available to predacious 
overwintering lady beetles impacted their winter survival, nutrient content and spring 
reproduction. The second objective was to determine how habitat manipulation in sweet 
sorghum could reduce M. sacchari populations and reduce yield loss. Specifically, 
herbivore induce plant volatiles and flowers were used to increase the abundance of 
natural enemies prior to M. sacchari population increase. The third objective was to 
determine the host acceptance and suitability of mass-produced aphid parasitoids on M. 
sacchari. The fourth was to test the effect of sweet sorghum planting date on M. sacchari 
and sweet sorghum yield. 
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CHAPTER 2.  SUPPLEMENTAL FOODS AFFECT ENERGETIC RESERVES, 
SURVIVAL, AND SPRING REPRODUCTION IN OVERWINTERING ADULT 
HIPPODAMIA CONVERGENS (COLEOPTERA: COCCINELLIDAE)   
Chapter contents published in: Mercer, N.H., Teets, N.M., Bessin, R.T., Obrycki, J.J., 
2020. Supplemental foods affect energetic reserves, survival, and spring 
reproduction in overwintering adult Hippodamia convergens (Coleoptera: 
Coccinellidae). Environmental Entomology. 49, 1–9 
2.1 Introduction 
For North American lady beetles and many other temperate zone insects, finding 
winter habitat with suitable abiotic (Desender 1982, Sotherton 1984, Thomas et al. 1992, 
Lys and Nentwing 1994, Pfiffner and Luka 2000, Raymond et al. 2014) and biotic 
conditions (Thomas et al. 1991, 1992, Lorenzon et al. 2015) is crucial for their survival. 
A fundamental understanding of these factors can improve biological control by 
increasing the fitness of overwintering natural enemies in the spring. The convergent lady 
beetle, Hippodamia convergens Guerin (Coleoptera: Coccinellidae), a common and 
economically important predator in North America, feeds on a variety of prey and plant 
resources (Hagen 1962, Obrycki and Kring 1998, Lundgren 2009). Many Coccinellidae 
overwinter as adults in a state of reproductive diapause, and due to seasonal changes in 
food availability, may go long periods with little to no food. Thus, storing and conserving 
energy is a critical adaptation for surviving the winter and resuming reproduction in the 
spring (Hahn and Denlinger 2011). 
Lipids, carbohydrates and proteins are important energy reserves for 
overwintering Coccinellidae (Hagen 1962, Sakurai 1969, Watanabe 2002, Raak-van den 
Berg et al. 2012, Awad et al. 2013). Lipids are the primary energy store in diapausing 
Coccinellidae (Hagen 1962, Raak-van den Berg et al. 2012), while carbohydrates are 
used for the synthesis of cryoprotectants and metabolic energy (Sakurai 1969, Watanabe 
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2002). The role of proteins in overwintering Coccinellidae is not fully understood, 
although these stored proteins are used for vitellogenin production in spring by adult 
Harmonia axyridis Pallas (Coleoptera: Coccinellidae) (Sakurai et al. 1987, Awad et al. 
2013). Energy reserves stored for winter metabolism may also be used as energy for 
spring reproduction. For example, lipids accumulated by adult Culex pipiens L. (Diptera: 
Culicidae) prior to winter are utilized in spring egg production (Zhou and Miesfeld 2009). 
Thus, measuring these energy reserves can indicate the condition of the insect (Sakurai 
1969, Jean et al. 1990, Watanabe 2002, Labrie et al. 2008). 
While metabolism is typically reduced in the winter, temperature can influence 
the rate of energy expenditure by overwintering insects (Jean et al. 1990, Thomas et al. 
1992, Williams et al. 2003). Lipid depletion and mortality of overwintering Coleomegilla 
maculata Degeer (Coleoptera: Coccinellidae) increased exponentially above -0.5oC in 
laboratory experiments (Jean et al. 1990). However, elevated winter temperatures may 
indirectly benefit insects in the field by providing an opportunity to feed and replenish 
metabolic reserves for insects that overwinter in a mobile stage (Danks 1991, Thomas et 
al. 1992, Dennis et al. 1994, De Block et al. 2007, Eitzinger and Traugott 2011). For 
example, winter survival of adult Demetrias atricapillus L. (Coleoptera: Carabidae) 
increased when prey was present in overwintering sites (Thomas et al. 1992) or 
artificially added (Dennis et al. 1994). In the laboratory, overwintering adult H. 
convergens fed at temperatures above 5oC; the rate of consumption increased with 
temperature (Roach and Thomas 1991). Winter survival and vernal fecundity of insects 
can also depend on the type of food available. Post diapause reproduction and survival of 
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H. axyridis was improved by the addition of ad libitum aphid prey compared to a diet of 
sugar or sugar with < 10 aphids per day (Reznik and Vaghina 2013). 
The mean daily maximum temperature of 6.3oC from December 1 to March 31 in 
central Kentucky (data from NOAA National Climatic Data Centre [USA] 
www.ncdc.noaa.gov; previous 30 yrs.) is suitable for adult activity and feeding by H. 
convergens (Roach and Thomas 1991). Thus, overwintering lady beetles have periodic 
opportunities to feed in Kentucky, making this region a suitable location to test the effect 
of food supplementation on overwintering adults and subsequent spring reproduction. 
The objective of this study was to quantify effects of supplemental foods on 
overwintering adult H. convergens energy reserve content, survival, and spring 
reproduction.  
2.2 Materials and Methods 
2.2.1   2015-16 Field Experiment 
H. convergens adults were collected from overwintering aggregations in Arizona 
in October 2015 by ARBICO-Organics (ARBICO-Organics, Oro Valley, AZ US) and 
shipped to Lexington, KY on December 10, 2015. H. convergens diapause lasts from 
October to at least January (Hagen 1962). Once received, adults were stored at 4oC with 
moist paper towels until used in the experiment on December 12, 2015. 
Field sites were located at the University of Kentucky’s Spindletop Research 
Farm, Fayette Co., KY, US (N 38o 6’ 15.9” W 84o 25’ 57.9”). Overwintering sites for H. 
convergens in Kentucky are unknown, but large (>6 m tall) hardwood trees were selected 
as proxies because of previous observations of adult C. maculata overwintering around 
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the base of hardwood trees at this location. Each of the five replicate sites were a 
minimum of 180 m from the nearest neighboring replicate site. At each site eight 
overwintering cages (one cage per treatment; see description below) were evenly spaced 
along a semicircle with a 3.5 m radius from the base of the tree, buried 12 cm into the 
ground and extending 8 cm above the ground (Fig. 2-1a).   
Overwintering cages were 10 cm diameter PVC pipe, cut into 20 cm length 
sections. Lumite 280 micron mesh covered both ends, and hardware cloth (6.35 mm2 
mesh) covered the top end to prevent entry by vertebrates. Petri dishes (5.5 x 1.5 cm) 
were glued to the inside of cages 2.5 cm from the top for feeding trays. Cages were filled 
with untreated cypress mulch up to the feeding tray to provide substrate for H. 
convergens (Jean et al. 1990). On December 12, 2015, H. convergens were separated into 
40 groups of 300 and placed into cages. The first 12 groups of 300 adults were 
individually counted and weighed. The remaining 28 groups were estimated by total 
weight, based on the mean weight (4.7±0.7 g) of the first 12 groups. Temperatures in the 
cages were recorded hourly using iButtons (Maxim Integrated ™, San Jose, CA, US).  
Individual recorders were wrapped in parafilm to protect them from water and placed in 
two randomly selected cages per site. Temperature recorders were placed on the surface 
of the cypress mulch substrate within each cage.  
 At each field site, cages were randomly assigned one of eight food supplement 
treatments so that each treatment was represented once at each replicate site.  Food 
supplements were: no food (control), 10 ml water, 10 ml 15% sucrose solution (referred 
to as sugar), 10 ml honey, 5 g bee pollen substitute (BEE PRO, Mann Lake Ltd. 
Hackensack MN, U.S) (referred to as pollen), 5 g Wheast protein (Beneficial Insectary 
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Inc., Redding CA, US), 3 g previously frozen Ephestia kuehniella eggs (Zeller) 
(Lepidoptera: Pyralidae) which were stored at -20°C (Beneficial Insectary Inc. Redding 
CA, US), or 2.5 g live pea aphids (Acyrthosiphon pisum (Harris) (Hemiptera: Aphididae) 
reared on fava beans (Vicia faba L). Water, sugar and honey were applied to a 5 x 1cm 
sponge to prevent adults from drowning. Pollen and Wheast protein were mixed with 2 
ml of water to form a paste. These food treatments are established food sources for 
Coccinellidae, either in the wild or for laboratory rearing (Lundgren 2009, Moser and 
Obrycki 2009, Choate and Lundgren 2013). Aphids were observed to move around the 
cage once placed on the food trays. Umbrellas for food trays were made out of 5 cm petri 
dish lids with 2.5 cm plastic legs holding them over the food tray to shield the food trays 
from rainfall.   
 Caged H. convergens were given food supplementation on days when 
temperatures were predicted to exceed 4oC by the National Weather Service (forecasts 
from NOAA National Weather Service [USA], www.weather.gov), but no more than 
once every seven days. The selection of 4oC as a threshold temperature was based on 
observations that C. maculata were active around overwintering sites at temperatures 
>4oC in Kentucky (personal observation). Live, active H. convergens were sampled from 
cages on December 31, 2015, January 21, 2016, February 18, 2016 and March 11, 2016. 
On the first sampling date, 20 adults were sampled, but the sampling size was reduced to 
ten on subsequent sampling dates due to concerns of depleting the number of live 
individuals before the end of the experiment. H. convergens collected from cages were 
immediately placed in ice chests and transferred to a -80oC freezer. Experiments were 
terminated after five consecutive days in March had a maximum temperature over 15oC. 
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At the end of the field portion of the experiment, on March 11, 2016, all H. convergens 
adults were collected and number of live H. convergens was used as a proxy for survival 
for each treatment cage. True survival could not be calculated because removing live H. 
convergens throughout the experiment prevented accurate calculation of survival. 
2.2.2  2016-17 Field Experiment 
Experimental procedures were similar to 2015-16 except for three modifications: 
the number of treatments was reduced from eight to four (based on the results of 2015-16 
experiment), the number of adults per cage was increased from 300 to 360, and the 
number of sampling dates was reduced from four to three. Water, honey, and wheast 
protein treatments were removed in 2016-17 and the E. kuehniella eggs and aphid 
treatment were combined (1 g of E. kuehniella eggs and 2.5 g aphids) (referred to as 
prey). Sugar and bee pollen were given to H. convergens in the same quantity and 
manner as the previous year. Each treatment had one replicate at each of the five sites. 
Cage spacing from the tree remained the same as in 2015-16 (Fig 2-1b), but only four 
cages were buried at each location (one cage per treatment).   
H. convergens adults were received from ARBICO-Organics on December 1, 
2016 and stored at 4oC. The number of H. convergens per cage was increased to 360, and 
the number of live adults removed per sampling period was increased to 30. There were 
three sampling dates, December 2, 2016 (the day H. convergens were placed in field 
cages), January 31, 2017, and March 29, 2017 (the final day of the experiment). Sampled 
beetles were handled in the same manner as the previous year. 
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An iButton temperature logger was placed in one cage at each site. Soil surface 
temperature was measured by a second logger placed in a cotton cloth bag and staked 
under a 15 x 15 cm section of hardware cloth at the peak of the site’s semicircle (Fig. 1b). 
Food treatments were replenished (no more than once every seven days) when the 
temperature was predicted to be ≥15oC.  The increased temperature threshold was used to 
more reliably select periods when H. convergens adults would be actively feeding. Roach 
& Thomas (1991) observed that 5% of Heliothis zea (Boddie) (Lepidoptera: Noctuidae) 
were eggs consumed in 24 hrs. by overwintering H. convergens at 5oC and 10oC, while 
25% of eggs were consumed at 15oC.  On March 29, 2017 adults were collected and the 
number alive in each cage was counted. 
2.2.3  Energy Reserve Analysis 
Adults collected from cages and stored in -80oC were weighed (while frozen) on 
an electronic balance to 0.1 mg (XSE105, Mettler-Toledo, LLC, Columbus OH, US) and 
sexed using a stereomicroscope (males have an indentation on their 5th ventral abdominal 
segment). Sexes were analyzed separately, although due to random sampling, the sex 
ratio was not the same among cages. Energy reserve content (lipids, carbohydrates, and 
proteins) was quantified in separate samples of adults, with five adults for each energy 
reserve analyzed per cage per sampling date from the 2015-2016 experiment and ten 
adults per sample analyzed per energy reserve in 2016-2017 experiment. Sex ratios of 
samples within each set of five and ten were random.  
Initially, analyses were conducted on individual adults (sampling unit) and the 
results averaged within each cage (experimental unit) for protein, carbohydrate and lipid 
13 
 
content. However, this approach was found to be time intensive and an experiment was 
done to compare energy reserve extractions on individual adults and pooled adults from a 
cage, testing if the methods yielded the same results. 55 female H. convergens (survivors 
from 2015-16 experiment that were not used for energy reserve analysis) were separated 
into 11 groups of five adults. Adults were individually homogenized, and then were 
either placed into individual vials or into pooled vials (five adults combined into one vial 
per group) yielding 11 groups of individuals (five vials per group) or 11 pooled vials. 
Protein, lipid and carbohydrate contents were then taken according to their respective 
quantification method (see below). Energy reserve content was statistically compared 
using an equivalence test (SAS Institute Inc 2014) to determine how similar the two 
methods were for estimating lipid, carbohydrate and protein content. Lipid (Upper t9 = 
6.1, p<0.0001, Lower t9=-2.35, p=0.02), carbohydrate (Upper t10 = 3.23, p=0.005, Lower 
t10=-2.49, p=0.02) and protein (Upper t10 = 1.98, p=0.04, Lower t10= -2.02, p=0.04) 
measurements were similar whether individually measured or pooled, meaning 
measurements from the initial individual analysis method were equivalent to pooled 
sample measurements. Adults from March 11, 2016 and December 2, 2016 were 
measured individually (the initial adults analyzed), adults from all other sample dates 
were pooled into groups by field cage and sex. 
Lipids were extracted using modified methods of Folch et al. (1957). H. 
convergens were homogenized in 1 ml of 2:1 chloroform: methanol solution, agitated for 
15 minutes at 300 rpm and then centrifuged at 13,000 g for 5 minutes at 4oC. The 
supernatant was transferred to a new tube and combined with 400 µl ddH20. Tubes were 
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incubated for five minutes at room temperature (~22oC), after which the mixture was 
partitioned into a lower chloroform phase and an upper aqueous phase.  
12.5 µl of the lower chloroform phase was transferred to individual glass tubes. A 
standard consisting of 1 mg/ml canola oil in chloroform was used to generate an eight-
point standard curve containing 0-500 µg lipid. Samples and standards were then heated 
at 110oC until the liquid evaporated and only lipid remained. After evaporation, lipid was 
quantified using sulfo-phospho-vanillin methods (van Handel 1985). Dried lipid samples 
were re-suspended in 100 µl of sulfuric acid and heated at 90oC for 10 minutes. 
Afterward 1 ml of vanillin phosphoric acid reagent (120 mg of vanillin dissolved in 20 ml 
of ddH2O and 80 ml of phosphoric acid; vanillin Product #TCH0264; VWR, Radnor PA, 
US) was added to each sample and standard. Color was allowed to develop for 20 
minutes at room temperature. Samples and standards were loaded in triplicate into 96 
well plates, 100 µl per well. Optical density at 525 nm was measured by a 
spectrophotometer (ClarioStar Microplate reader, BMG Labtech, Offenburg, Germany).  
Carbohydrate content was quantified using the anthrone method modified from 
van Handel (1985). Individual H. convergens were homogenized in 0.5 ml phosphate 
buffered saline containing 0.05% Tween (Tween 20, SKU # 00-3005; ThermoFisher, 
Waltham MA, US) (Gefen et al. 2006, Tennessen et al. 2014). Samples were then 
centrifuged at 13,000 g at 4oC for five minutes. After centrifuging, 50 µl of each sample’s 
liquid phase was removed and combined with 50 µl ddH20. Samples were compared to an 
eight-point standard curve of glucose ranging from 0-1000 µg/ml (d-(+)-glucose solution, 
Product # G8644, Sigma-Aldrich, St. Louis MO, US). To develop color, 400 µl of 
anthrone reagent (140 mg of anthrone dissolved in 72 ml H2SO4 and 28 ml H20; anthrone 
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reagent, Product # 319899, SIGMA-Aldrich, St. Louis MO, US) was added to each 
sample and standard. Tubes were then vortexed and heated at 100oC for 17 minutes to 
facilitate color development. Samples and standards were loaded in triplicate into 96 well 
plates, 125 µl per well. Optical density at 625 nm was measured by a spectrophotometer 
(ClarioStar Microplate reader, BMG Labtech, Offenburg, Germany). 
Quantification of proteins was accomplished with the BCA protein assay kit 
(Product #PI23227; ThermoFisher, Waltham MA, US) using the manufacturer’s protocol. 
Adults were homogenized in 0.5 ml of RIPA buffer (Product #8990; ThermoFisher, 
Waltham MA, US) then centrifuged at 14,000 g for five minutes. After centrifuging, 25 
µl of the supernatant was removed and combined with 75 µl of H20. Samples were 
compared to an eight point standard curve of 0-2000 µg/ml bovine serum albumin. Color 
was developed by combining 25 µl of sample with 200 µl of the working reagent from 
the BCA protein assay kit in one well of a 96 well plate. Samples were loaded into wells 
in triplicate. Well plates were agitated for 30 seconds and then heated at 37oC for 30 
minutes. Optical density at the 563 nm was measured using a spectrophotometer 
(ClarioStar Microplate reader, BMG Labtech, Offenburg, Germany).  
2.2.4 Fecundity and Fertility Experiment 
Live beetles collected from cages at the termination of the 2016-17 field 
experiment (March 29, 2017) were sexed, and three mating pairs per field cage were 
established (60 pairs total). Pairs were kept in 0.24 L cardboard containers at 22oC and a 
photoperiod of 16:8 L:D with a plastic vial containing distilled water with a cotton ball 
stopper to supply moisture. Folded pieces of paper were added as an egg laying substrate. 
16 
 
Pairs were fed A. pisum ad libitum daily and given 5 cm sections of V. faba stems. 
Oviposition was monitored daily. Eggs laid were removed from containers, counted and 
placed in 12 ml plastic vials with a cotton stopper and kept under the same conditions as 
the adults. Eggs were checked daily for eclosion or until one week passed and no larvae 
were observed. Fecundity was defined as the total number of eggs laid by a female over 
30 days and fertility as the proportion of eggs laid within individual egg masses that 
hatched. 
2.2.5 Data Analysis  
Differences among treatments in the number of live H. convergens was tested by 
mixed-model analysis of variance (ANOVA) with treatment as fixed effect and site as 
random effect. Dunnett’s post hoc test was used to determine differences between control 
and treatments. Initially energetic reserve contents were corrected with weight, analyzing 
mg energetic reserve per mg adult body weight. This however was found to mask the 
differences among treatments as beetles with more energetic reserves weighted more. To 
avoid masking treatment effects, all energy reserve contents are expressed as mg of 
nutrient per individual H. convergens. The experimental units for energy reserves were 
averages of five (2015-16) or ten (2016-17) individuals per cage per sampling period, 
grouped by sex within groups of five or ten adults. A repeated-measures mixed model 
ANOVA was used to test the effects of food supplement on energy reserve content; each 
energy reserve was tested separately. Energy reserve content was the dependent variable, 
food supplement, sampling date (time) and sex were included as fixed effects. Site and 
cage were included as random effects. Differences between treatments and controls were 
assessed with Dunnett’s post hoc test on the final sampling date, March 11, 2016 and 
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March 29, 2017. Weights of H. convergens were obtained from adults used in the energy 
reserve assays. Weights were analyzed in the same manner as the energy reserves. 
Temperature was compared between cages and surface in 2016-2017 with a repeated 
measures ANOVA. Recorder location and site were treated as fixed effects. 
Days to produce the first viable egg mass (pre-oviposition time) and five viable egg 
masses were analyzed with Cox’s proportional hazard model. Time to five viable egg 
masses was used as a metric for the level of fecundity of a female.  Fecundity (total 
number of eggs per female over 30 days) and fertility (number of viable eggs produced 
per egg mass per female) were averaged within field cages and analyzed with one-way 
ANOVA. Treatment was a fixed effect and field cage site a random effect. Dunnett’s post 
hoc test was used to determine the differences in effect between treatments and the 
control. Cox’s proportional hazard model was done in JMP (JMP 12.1.0).  All other tests 
were done in R v. 3.2.4 (R Core Team 2016) with packages “nlme” (Bates et al. 2017) 
and “multcomp” (Hothorn et al. 2008). Voucher specimens of H. convergens are in the 
University of Kentucky Insect Museum. Data are deposited in the UKnowledge 
repository: https://doi.org/10.13023/mj65-sd73. 
2.3 Results 
2.3.1 Energy Reserves 
H. convergens were fed seven times in 2015-16 and nine times in 2016-17. 
Temperature did not differ among cages or locations in either year (Supp. Table 2-S1 and 
2-S2). All food supplements were observed to be eaten by the adults at least once in both 
years. The number of individuals that fed and the amount eaten were not quantified.  In 
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2015-16, lipid (mg lipid per adult) (F3,193 = 24.23, p<0.001) and carbohydrate content 
(mg carbohydrate per adult) (F3,179 = 10.94, p<0.001) decreased significantly from 
December 31, 2015 to March 11, 2016 (Table 2-1). A similar trend was observed in 
2016-17, lipid (F2,62 = 19.97, p<0.001) and carbohydrate content (F2,64 = 33.54, p<0.001) 
decreased from December 2, 2016 to March 29, 2017 (Table 2-2). Protein content (mg 
protein per adult) in 2015-16 increased, decreased or remained constant over the course 
of the experiment depending on the food supplement (F1,63 = 11.14, p=0.001) (Table 2-1). 
In 2016-17, protein content in adult H. convergens decreased in all treatments, with the 
exception of prey supplementation, which caused an increase in protein content 
(F2,66=4.36, p = 0.02) (Table 2-2).  In both years, lipid content (2015-16: F1,71=22.39, 
p<0.001; 2016-17: F1,35=35.23, p<0.001), carbohydrate content (2015-16: F1,71=17.03, 
p<0.001; 2016-17: F1,35=17.98, p<0.001) and protein (2015-16: F1,71=17.64, p<0.001; 
2016-17: F1,35=4.59, p=0.04) were higher in females than males; however, treatment 
effects did not differ between sexes. ANOVA tables for 2015-16 and 2016-17 energetic 
reserves are reported in Supplemental Table 2-S3A.  
 On the final sampling date of March 11, 2016 adult lipid content was significantly 
impacted by food supplements (F7,58=3.81, p=0.002); adults receiving honey (p=0.04) 
and sugar (p=0.02) treatments had higher lipid contents than control treatments. In 2016-
17 there was a significant difference on March 29, 2017 in adult lipid content due to food 
supplement (F3,19=14.73, p<0.001); prey (p=0.001) and sugar (p<0.001) supplemented 
beetles had higher lipid content than the unfed control adults. Carbohydrate content on 
March 11, 2016 was significantly different (F7,60=12.73, p<0.001) among treatments; 
aphid (p<0.001) and Wheast protein (p<0.001) supplemented adults had lower 
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carbohydrate content than controls, whereas sugar was marginally higher (p=0.06) than 
controls. E. kuehniella eggs, pollen, water and honey supplemented adults had similar 
carbohydrate content relative to controls. On March 29, 2017, carbohydrate content was 
increased (F3,18=4.47, p=0.02) in sugar (p=0.02) supplemented individuals relative to 
controls. The carbohydrate content of H. convergens supplemented with prey had a trend 
of being higher than controls (p=0.08). On March 11, 2016, protein content was also 
impacted by treatments (F7,52=8.07, p<0.001). Aphid (p<0.001) and E. kuehniella eggs 
(p<0.001) had higher protein content compared to controls. On March 29, 2017, protein 
content was significantly higher (F3,19=10.81, p<0.001) in prey supplemented adults 
(p=0.001) relative to controls. ANOVA tables of energetic reserves on the final sampling 
dates, March 11, 2016 and March 27, 2017, are reported in Supplemental Table 2-S3B. 
2.3.2 Weight 
In 2015-16 and 2016-17 adult weight had a general decrease from December 31, 
2015 to March 11, 2016 (F3,221=7.99, p<0.001) (Table 2-1) and from December 2, 2016 
to March 29, 2017 (F3,35=3.84, p=0.02) (Table 2-2). Male and female weight differed in 
2015-16 (F1,71=176.01, p<0.001) and in 2016-17 (F1,35=24.78, p<0.001), but treatment 
effects were similar between sexes. In 2015-16, adults provided aphid (p=0.03) and E. 
kuehniella egg supplements (p=0.007) weighed more than controls on March 11, 2016 
(F7,52=8.07, p<0.001). Similarly, food supplementation affected adult weight in 2016-17 
(F3,19=4.22, p<0.001); adults provided with prey (p<0.001) weighed more than controls 
on March 29, 2017 (F3,35=3.84, p=0.02). ANOVA tables for adult weight analysis for 
both years can be found in Supplemental Table 2-S4. 
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2.3.3 Survival 
Total number of adults present in cages could not be determined due to 
decomposition of adults in both years so only numbers of live adults were counted. In 
2015-16, supplemental food had no effect on the number of adults found alive on the 
final sampling date, March 11, 2016 (Fig. 2-2). Two cages were excluded from analysis 
because the low number of individuals alive (two and nine, both aphid treatments) was 
likely due to escape of H. convergens. In 2016-17, supplemental food significantly 
affected the number of H. convergens alive on March 29, 2017 (F3,12 = 5.28, p=0.02). 
The number of live adults in the prey and sugar treatments was higher relative to controls 
(p=0.009 and p=0.06 respectively) (Fig. 2-3).  
2.3.4 Fecundity and Fertility 
Over the 30 days of the reproductive experiment, 33 of 60 (55%) females 
produced eggs and 21 of the 33 (64%) females produced five egg masses. Mortality of 
females prior to oviposition varied among treatments. Only one of the 15 prey 
supplemented females died prior to oviposition, however seven of the 15 sugar fed 
females, ten of the 15 pollen supplemented females and nine of the 15 control females 
died prior to oviposition. The number of eggs produced was significantly different 
(F3,56=11.23, p<0.001) with prey supplemented females laying more eggs (p<0.001). 
While prey supplemented females produced more eggs, the fertility of the eggs produced 
was similar among treatments (Table 2-3). Females that died or did not oviposit during 
the 30-day experiment were included as censored data for time to first and fifth egg mass. 
Time to first egg mass (pre-oviposition period (Likelihood ratio: 23.8, df = 3, p<0.001) 
and to fifth egg mass (Likelihood ratio: 24.9, df = 3, p<0.001) differed among treatments 
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(Table 2-3). The mean pre-oviposition period for prey supplemented females was 5.5 
days shorter than control, 4.4 days shorter than pollen and 2.1 days shorter than sugar-fed 
females.  
2.4 Discussion 
Winter dormancy represents a substantial portion of an insect’s life cycle in many 
temperate regions.  Predatory insects, that overwinter as mobile life stages, may feed 
under natural winter conditions (Thomas et al. 1992, Dennis et al. 1994, De Block et al. 
2007, Eitzinger and Traugott 2011), but the effects of different winter food resources on 
winter biology have not been investigated. This field experiment was replicated over two 
winters to test the impact of food supplements to overwintering H. convergens adults on 
winter survival, energy reserves, and spring reproduction. We documented that aphids, E. 
kuehniella eggs and to a lesser extent sugar supplements, were beneficial for H. 
convergens because these treatments increased winter survival, spring energy reserve 
contents, weight, and reproduction.  
2.4.1 Energy Reserves 
Lipid and carbohydrate content decreased over the course of the experiment in 
both years, while protein content decreased only in 2016-17 (Table 2-1 and 2-2). The 
composition (protein, carbohydrate) of food supplements was largely predictive for 
which energy reserve was impacted. Sugar supplementation had the greatest positive 
impact on lipid and carbohydrate content in both years, and prey resources increased 
protein content of adults in both years. Prey and sugar (honey, sugar water, nectar) are 
common food resources provided for laboratory rearing and naturally occurring in the 
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field (Evans and Gunther 2005, Lundgren 2009, Reznik and Vaghina 2013); we observed 
that these nutrients are also beneficial for overwintering H. convergens. Pollen and 
Wheast protein have been used to rear Coccinellidae (Nichols and Neel 1977, Michaud 
and Qureshi 2005), however neither food resource impacted H. convergens energy 
reserves in the current study. Thus, it appears that pollen and Wheast protein on their own 
are not a sufficient resource for H. convergens to maintain energy reserves during 
overwintering.  
The carbohydrate content of H. convergens in the no food control treatment at the 
end of 2015-16 was unexpectedly equal to or greater than other food supplement 
treatments, including aphids. Foods such as aphids, even in very low abundance, may 
increase the rates of post-diapause development in overwintering adult Coccinellidae 
(Reznik and Vaghina 2013). Aphid fed adults in 2015-16 possibly had a higher rate of 
post-diapause development compared to controls, which could lead to increased 
metabolism and further depletion of energy reserves (Kostal 2006). Sugar and honey 
supplements improved or maintained carbohydrate stores relative to unfed H. convergens.   
2.4.2 Weight 
Prey supplementation led to a relative increase in adult weight at the end of the 
experiment in both years (Tables 2-1 and 2-2). Given the energy reserve results, it would 
be expected that sugar supplementation would also increase weight; however, this was 
not observed. Prey is required for H. convergens for reproduction, while sugar is only 
beneficial for extending the life span of H. convergens in the absence of prey (Hagen 
1962, Michaud and Qureshi 2006). The amount of food supplement consumed was not 
monitored in our experiment, although consumption of supplemental food treatments was 
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observed at least once for all treatments on sampling days and days when food 
supplements were distributed. Increased weight (or lack of winter weight decrease) of 
adults supplied prey possibly occurred because prey resources were consumed more 
readily. Sugar may have only maintained energy reserves, not greatly affecting H. 
convergens overall weight. A similar result was reported by Thomas et al. (1992), in 
which, winter weight loss in the carabid D. atricapillus could be offset when prey was 
supplied.  
2.4.3 Survival 
Based on energy reserve analysis of the 2016-17 experiment, it is expected that 
treatments resulting in higher lipid or carbohydrate content would have a higher number 
of individuals alive at the end of the experiment. However, the prey supplementation 
treatment, which had lower carbohydrate and lipid content than other treatments, had the 
most living adults in 2016-17. We are unsure how to explain the unexpected results, but 
as mentioned before, aphids and/or E. kuehniella eggs are considered critical for H. 
convergens reproduction and likely increased survival by improving overall adult 
condition. Prey diet also positively impacted adult weight at the end of the experiment, 
body weight may positively correlate with higher survival. Also, prey diet may have 
benefited adults in ways not measured by the energetic reserve analysis here,  
The significant difference in number of adults recovered only in 2016-17 is 
possibly due to a difference in the length of the experiment. The experiment in 2016-17 
went 18 days further into the spring than the 2015-16. Using 12oC as a cumulative degree 
day threshold (Obrycki and Tauber 1982), from January 1 to March 11 in both years, 
cumulative DD12 were similar, 25 for 2015-16 and 21 for 2016-17. From March 12 to 29, 
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2016-17 H. convergens adults in the field accumulated an additional 27 cumulative DD12, 
doubling the DD12. Experiencing higher temperatures will lead to an increase in 
metabolism and without the ability to replace those resources, mortality can increase 
(Jean et al. 1990). More DD12 likely also led to an increase in consumption of energy 
reserves by H. convergens adults, further increasing the difference between treatments 
and years (Roach and Thomas 1991). 
2.4.4 Fecundity and Fertility  
Providing prey to overwintering adult H. convergens enhanced spring 
reproduction, reducing the pre-oviposition period and increasing the number of females 
who survived to produce eggs (Table 2-3). It is important to note that all treatment groups 
were fed aphids ad lib after the winter while reproduction was being measured. Feeding 
aphids to adults during the reproductive experiment could possibly reduce differences 
between treatments, because aphid feeding cues ovarian development within eight days 
(Davis and Kirkland 1982). Lipid and carbohydrate content were higher in sugar-
supplemented individuals. However, there was a surprisingly high mortality rate of sugar 
supplemented individuals despite being fed aphids ad libitum during the reproductive 
experiment. Together these results further demonstrates the importance of overwintering 
prey diet for early spring fitness. By March, H. convergens adults were most likely in a 
temperature regulated quiescence. Metabolic demands during quiescence are more 
susceptible to temperature than when individuals are in diapause, if temperatures are high 
enough, reproductive development progresses, utilizing energy stores (Kostal 2006).  
Energetic reserves are an important component of insect fitness; lipid and 
carbohydrates are the predominant overwintering energy reserves (Sakurai 1969, 
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Anderson 1981, Jean et al. 1990, Watanabe 2002, Labrie et al. 2008, Zhou and Miesfeld 
2009, Hahn and Denlinger 2011). Treatments with the highest carbohydrates and lipid 
content were not, however, associated with the highest survival and reproduction, instead 
weight and protein content were better predictors of spring reproductive success. Protein 
appears to play an important part in winter survival and spring reproduction. We 
observed an overall benefit of food supplementation, which is consistent with work in 
other predatory beetles (Thomas et al. 1992, Dennis et al. 1994). However, in monarch 
butterflies, only individuals of poor condition feed during winter, so overwintering 
mortality is higher in feeding individuals (Alonso-Mejia et al. 1997). Our study was not 
designed to quantify feeding and weight gain by individual beetles, so it is unclear 
whether all beetles fed during the winter. Nonetheless, the net benefit at the population 
level is positive, indicating that overwintering beetle aggregations with access to food 
may fare better. There are opportunities for H. convergens to replenish their energy 
reserves during winter at mid and southern latitudes, like Kentucky, which may increase 
their survival and spring reproduction in the central US. It is likely that wild H. 
convergens do have some level of prey available while overwintering in Kentucky and by 
March may have access to nectar from emerging wild flowers. This experiment 
highlights the importance of biotic resources in winter habitat for H. convergens. Early 
spring predation of aphids is critical for slowing the growth of aphid populations (Athey 
et al. 2016), and supplemental food resources that increase energy reserves, winter 
survival, and spring reproduction may lead to greater abundance and faster reproduction 
of this aphidophagous insect species. 
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Table 2-1 Energy reserve content (lipid, carbohydrate or protein) and weight (mg) of 
overwintering H. convergens in 2015-2016. Data are grouped by sampling date, winter 
food-supplementation treatment, and sex. Numbers are mean energy reserves or mean 
adult weight ± standard error. [N] is sample size for each energy reserve and adult 
weight. 
Sampling 
Date 
Food 
Supplement Sex Lipid Carbohydrate Protein Weight 
Dec. 31, 
2015 
Control 
F 2.63±0.61 [5] 
0.16±0.01 
[4] 
1.06±0.24 
[5] 
18.06±1.58 
[5] 
M 2.27±0.26 [3] 
0.15±0.02 
[5] 
1.27±0.15 
[5] 
14.92±1.17 
[5] 
Aphid 
F 3.60±1.31 [4] 
0.20±0.02 
[5] 
1.41±0.08 
[5] 
17.08±0.44 
[5] 
M 1.36±0.27 [5] 
0.15±0.02 
[5] 
1.0±0.22  
[5] 
14.13±0.51 
[5] 
E. 
kuehniella 
eggs  
F 2.65±1.10 [4] 
0.19±0.02 
[5] 
1.76±0.11 
[5] 
19.11±1.44 
[5] 
M 2.23±0.76 [5] 
0.14±0.01 
[5] 
1.35±0.09 
[5] 
13.69±0.34 
[5] 
Honey 
F 1.92±0.61 [4] 
0.24±0.02 
[5] 
0.90±0.33 
[5] 
17.58±0.97 
[5] 
M 1.64±0.44 [5] 
0.15±0.01 
[4] 
0.69±0.13 
[5] 
13.94±0.75 
[5] 
Pollen 
F 4.31±0.87 [5] 
0.22±0.03 
[5] 
1.37±0.13 
[5] 
19.38±0.92 
[5] 
M 1.06±0.21 [4] 
0.14±0.01 
[5] 
1.08±0.26 
[4] 
13.44±0.36 
[5] 
Sugar 
F 2.74±0.50 [4] 
0.17±0.01 
[3] 
1.61±0.05 
[5] 
18.73±0.89 
[5] 
M 2.21±0.95 [5] 
0.11±0.01 
[5] 
1.21±0.04 
[5] 
13.74±0.34 
[5] 
Water F 2.75±0.61 [4] 
0.19±0.02 
[5] 
1.47±0.39 
[5] 
20.33±2.04 
[5] 
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Table 2-1. Continued. 
Sampling 
Date 
Food 
Supplement Sex Lipid Carbohydrate Protein Weight 
 
 M 1.27±0.26 [5] 
0.14±0.01 
[5] 
1.19±0.38 
[4] 
14.11±0.15 
[5] 
Wheast 
Protein 
F 3.65±0.77 [4] 
0.19±0.01 
[3] 
1.70±0.46 
[5] 
16.48±0.55 
[5] 
M 1.84±0.40 [5] 
0.15±0.01 
[5] 
1.10±0.40   
[5] 
14.06±0.33 
[5] 
Jan. 18, 
2016 
Control 
F 1.72±0.42 [5] 
0.23±0.01 
[5] 
 
19.17±0.55 
[5] 
M 1.67±0.52 [5] 
0.16±0.01 
[5] 
 
14.93±0.50 
[5] 
Aphid 
F 1.49±0.39 [5] 
0.27±0.03 
[4] 
 
17.48±0.60 
[5] 
M 1.38±0.40 [5] 
0.18±0.02 
[5] 
 
13.71±1.16 
[5] 
E. 
kuehniella 
eggs  
F 2.54±0.45 [4] 
0.34±0.13 
[4] 
 
19.14±1.31 
[4] 
M 1.50±0.64 [4] 
0.20±0.01 
[3] 
 
15.86±0.95 
[4] 
Honey 
F 1.64±0.23 [4] 
0.32±0.05 
[4] 
 
18.23±0.68 
[4] 
M 1.15±0.34 [3] 
0.38±0.07 
[3] 
 
12.59±1.91 
[3] 
Pollen 
F 1.71±0.41 [4] 
0.20±0.01 
[4] 
 
17.17±0.80 
[4] 
M 0.97±0.29 [4] 
0.18±0.02 
[4] 
 
13.68±1.09 
[4] 
Sugar 
F 1.04±0.26 [5] 
0.27±0.04 
[5] 
 
17.83±0.91 
[5] 
M 0.37±0.22 [4] 
0.24±0.04 
[4] 
 
15.88±0.99 
[4] 
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Table 2-1. Continued. 
Sampling 
Date 
Food 
Supplement Sex Lipid Carbohydrate Protein Weight 
 
Water 
F 1.05±0.53 [4] 
0.16±0.02 
[4] 
 
16.42±0.61 
[4] 
M 1.18±0.28 [3] 
0.17±0.01 
[4] 
 
14.80±0.29 
[4] 
Wheast 
Protein 
F 1.91±0.30 [4] 
0.27±0.04 
[5] 
 
16.58±1.38 
[4] 
M 0.74±0.43 [4] 
0.16±0.01 
[4] 
 
14.85±0.79 
[4] 
Feb. 21, 
2016 
Control 
F 1.52±0.31 [4] 
0.16±0.02 
[5] 
 
18.38±0.58 
[5] 
M 1.44±0.66 [5] 
0.14±0.01 
[5] 
 
15.48±0.55 
[5] 
Aphid 
F 1.84±0.52 [5] NA   
19.58±1.53 
[5] 
M 1.86±0.48 [5] NA 
 
16.19±0.96 
[5] 
E. 
kuehniella 
eggs  
F 1.58±0.31 [5] 
0.21±0.02 
[4] 
 
19.45±0.93 
[5] 
M 0.57±0.20 [5] 
0.17±0.02 
[5] 
 
15.48±0.21 
[5] 
Honey 
F 1.87±0.37 [5] 
0.24±0.01 
[5] 
 
18.58±0.75 
[5] 
M 0.90±0.26 [4] 
0.24±0.01 
[4] 
 
16.24±0.57 
[4] 
Pollen 
F 1.93±0.39 [5] NA 
 
19.84±0.63 
[5] 
M 1.19±0.42 [4] NA 
 
14.31±0.88 
[5] 
Sugar F 2.26±0.39 [5] NA 
 
20.39±0.45 
[5] 
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Table 2-1. Continued. 
Sampling 
Date 
Food 
Supplement Sex Lipid Carbohydrate Protein Weight 
 
 M 1.12±0.68 [4] NA 
 
19.45±1.76 
[4] 
Water 
F 1.16±0.10 [4] 
0.21±0.03 
[5] 
 
18.27±0.72 
[5] 
M 0.52±0.37 [5] 
0.19±0.02 
[5] 
 
15.02±0.87 
[5] 
Wheast 
Protein 
F 0.59±0      [1] 
0.19±0.01 
[5] 
 
17.97±1.03 
[5] 
M 2.62±0      [1] 
0.16±0.01 
[5] 
 
16.08±0.81 
[5] 
Mar. 11, 
2016 
Control 
F 0.37±0.17 [5] 
0.20±0.01 
[5] 
1.50±0.04 
[5] 
16.74±0.17 
[5] 
M 0.72±0.66 [5] 
0.23±0.01 
[5] 
1.23±0.08 
[3] 
14.10±0.37 
[5] 
Aphid 
F 0.85±0.33 [4] 
0.10±0.01* 
[5] 
2.33±0.29* 
[3] 
18.97±0.9* 
[5] 
M 0.14±0.01 [2] 
0.07±0.01* 
[3] 
1.83±0.06* 
[3] 
17.31±2.1* 
[4] 
E. 
kuehniella 
eggs  
F 0.96±0.20 [5] 
0.20±0.01 
[5] 
2.06±0.12* 
[5] 
19.53±0.8*
[5] 
M 0.75±0.23 [5] 
0.18±0.03 
[5] 
1.72±0.30* 
[5] 
17.50±0.8*
[5] 
Honey 
F 1.44±0.45* [5] 
0.26±0.05 
[5] 
1.46±0.09 
[4] 
18.00±0.46 
[5] 
M 1.42±0.23* [5] 
0.25±0.05 
[5] 
1.14±0.10 
[3] 
16.46±0.38 
[5] 
Pollen 
F 0.09±0.08 [5] 
0.17±0.01 
[5] 
1.51±0.09 
[5] 
17.32±0.93 
[5] 
M 0.07±0.06 [3] 
0.13±0.01 
[4] 
1.16±0.07 
[4] 
14.13±0.45 
[5] 
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Table 2-1. Continued. 
Sampling 
Date 
Food 
Supplement Sex Lipid Carbohydrate Protein Weight 
 
Sugar 
F 1.67±0.47* [5] 
0.32±0.04 
[5] 
1.45±0.03 
[4] 
19.17±1.21 
[5] 
M 1.39±0.55* [5] 
0.25±0.03 
[5] 
1.13±0.28 
[4] 
16.35±0.30 
[5] 
Water 
F 0.69±0.18 [5] 
0.16±0.02 
[5] 
1.57±0.09 
[5] 
17.49±0.66 
[5] 
M 0.80±0.36 [5] 
0.14±0.04 
[3] 
1.19±0.06 
[5] 
17.28±2.29 
[5] 
Wheast 
Protein 
F 0.83±0.20 [4] 
0.08±0.02* 
[4] 
1.62±0.09 
[4] 
18.67±0.39 
[4] 
M 0.34±0.17 [3] 
0.09±0.01* 
[4] 
1.40±0.10 
[3] 
14.84±0.28 
[4] 
Asterisks (*) indicate significant difference (p<0.05) from controls according to 
Dunnett’s post hoc test on March 11, 2016. NA are samples lost due to 
measurement error. Empty cells are because protein was not measured on H. 
convergens sampled on those dates, see materials and methods. 
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Table 2-2. Energy reserve content (lipid, carbohydrate or protein) and weights (mg) of 
overwintering H. convergens in 2016-2017. Data are grouped by sampling date, winter 
food-supplementation treatment, and sex. Numbers are mean energy reserves or mean 
adult weight ± standard error. [N] is sample size for each energy reserve and adult 
weight. 
Sample 
Date 
Food 
Supplement Sex Lipid Carbohydrate Protein Weight 
Dec. 2, 
2016 
Control 
F 3.08±0.52 [5] 
0.19±0.01  
[5] 
1.74±0.06 
[5] 
20.10±0.47 
[5] 
M 1.73±0.39 [5] 
0.14±0.01  
[5] 
1.43±0.06 
[5] 
15.79±0.30 
[5] 
Pollen 
F 3.26±0.30 [5] 
0.17±0.01  
[5] 
1.53±0.06 
[5] 
19.54±0.39 
[5] 
M 1.99±0.26 [5] 
0.14±0.01  
[5] 
1.35±0.08 
[5] 
15.97±0.46 
[5] 
Prey 
F 3.52±0.52 [5] 
0.18±0.01  
[5] 
1.57±0.07 
[5] 
20.36±0.82 
[5] 
M 1.87±0.41 [5] 
0.15±0.02  
[5] 
1.37±0.05 
[5] 
16.61±0.49 
[5] 
Sugar 
F 3.31±0.29 [5] 
0.18±0.01  
[5] 
1.67±0.07 
[5] 
19.46±0.62 
[5] 
M 2.62±0.59 [5] 
0.14±0.01  
[5] 
1.46±0.06 
[5] 
16.79±0.71 
[5] 
Jan. 31, 
2017 
Control 
F 2.83±0.46 [5] 
0.21±0.02  
[5] 
1.30±0.16 
[5] 
19.19±0.55 
[5] 
M 1.48±0.40 [5] 
0.18±0.01  
[5] 
1.08±0.11 
[5] 
16.89±1.09 
[5] 
Pollen 
F 2.78±0.31 [5] 
0.21±0.01   
[5] 
1.25±0.13 
[5] 
18.48±1.06 
[5] 
M 1.46±0.22 [5] 
0.14±0.01  
[5] 
1.29±0.11 
[5] 
13.74±1.47 
[5] 
Prey 
F 1.80±0.10 [5] 
0.20±0.01  
[5] 
1.31±0.19 
[5] 
20.18±1.18 
[5] 
M 1.30±0.45 [5] 
0.18±0.02  
[5] 
1.55±0.11 
[5] 
22.00±5.88 
[5] 
Sugar 
F 2.62±0.29 [5] 
0.25±0.02  
[4] 
1.37±0.12 
[5] 
18.47±1.30 
[5] 
M 1.48±0.26 [5] 
0.22±0.02  
[5] 
1.26±0.22 
[5] 
15.66±0.27 
[5] 
Mar. 
29, 
2017 
Control 
F 0.93±0.15 [5] 
0.06±0.01  
[3] 
1.04±0.48 
[3] 
17.86±0.52 
[5] 
M 0.03±0     [1] 
0.08±0.01  
[2] 
0.39±0.39 
[2] 
14.58±0.31 
[3] 
Pollen F 0.78±0.15 [3] 
0.08±0.02   
[5] 
1.00±0.38 
[4] 
17.37±0.74 
[4] 
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Table 2-2. Continued. 
Sample 
Date 
Food 
Supplement Sex Lipid Carbohydrate Protein Weight 
 
 M 0.10±0     [1] 
0.08±0.01  
[2] 
0.62±0    
[1] 
14.25±0.80 
[2] 
Prey 
F 1.64±0.2* [5] 
0.16±0.05  
[5] 
2.41±0.3* 
[5] 
20.88±0.5* 
[5] 
M 1.30±0.39* [5] 
0.10±0.02  
[4] 
1.61±0.4* 
[5] 
17.27±0.5* 
[5] 
Sugar 
F 2.62±0.17* [5] 
0.17±0.02 
[5]* 
0.73±0.14 
[4] 
19.58±0.23* 
[5] 
M 1.74±0.25* [3] 
0.19±0*     
[1] 
0.59±0.34 
[4] 
15.23±0.19* 
[3] 
Asterisks (*) indicate significant difference (p<0.05) from controls according to Dunnett’s 
post hoc test on March 29, 2017. 
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Table 2-3. Proportion of females out of 15 pairs per treatment that laid at least one egg 
mass and laid five egg masses during 30 day experiment. Days to first egg mass and 
proportion of eggs hatched only include females that laid at least one egg mass. Days 
to five egg masses includes only females that laid five egg masses. [N] is number of 
females. 
  Control Pollen Sugar Prey Stats comparison 
Laid at least 
one egg mass 
0.33 0.27 0.46 0.93 X2=19.66, df= 
3, p<0.001 
Laid at least 
five egg 
masses 
0.13 0.27 0.46 0.93 X2=20.4, df= 3, 
p<0.001 
Mean eggs laid 
per female 
13.3±5.9 13.1±9.4 24.1±8.8 76.7±9.1* F3,54=11.23, 
p<0.001 
Days to first 
egg mass 
9.6±2.4 
[5] 
8.5±2.9 
[4] 
6.0±0.9 
[7] 
4.1±0.4  
[14] 
X2=23.7, df= 3, 
p<0.001 
Proportion of 
eggs hatched 
0.49±0.1 
[5] 
0.37±0.2 
[4] 
0.49±0.1 
[7] 
0.61±0.04 
[14]* 
F3,26=0.28, 
p=0.88 
Days to five 
egg masses 
13.0±0  
[2] 
10.0±0.5 
[4] 
12.0±2.0 
[7] 
9.5±1.1  
[14] 
X2=24.9, df= 3, 
p<0.001 
Numbers of females that laid at least one egg mass and at least five egg masses are 
compared with Chi Square test. Mean eggs laid per female and proportion of eggs 
hatched used an ANOVA, asterisk (*) indicates difference (Dunnett’s post hoc test). 
Cox’s proportional hazard model was used for days to first and five egg masses, Chi 
Square is the likelihood ratio. 
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Figure 2-1. Experimental design of field cages used to compare winter food regimes for H. 
convergens on the University of Kentucky Spindletop Farm in (a) 2015-16 and (b) 2016-17.  
Black circles represent cages, black box represents iButton in 2016-17. Variable distance in 
tree diameter created a variable distance in diameter of the semicircle and between cages. 
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Figure 2-2. Boxplot of H. convergens alive per cage at the end of 2015-2016 
experiment (March 11, 2016) by treatment. No difference among treatments 
(F3,40=0.64, p=0.72). 
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Figure 2-3. Boxplot of H. convergens alive per cage at the end of 2016-17 
experiment (March 29, 2017) by treatment. Prey treatment is composed of aphids 
and E. kuehniella eggs. Treatments were significantly different (F3,16=5.14, 
p=0.02).  Asterisks (*) indicate significant (p<0.05) differences by Dunnett’s test 
from controls.  
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CHAPTER 3. IMPACT OF BUCKWHEAT AND METHYL SALICYLATE LURES 
ON NATURAL ENEMY ABUNDANCE FOR EARLY SEASON MANAGEMENT OF 
MELANAPHIS SACCHARI (HEMIPTERA: APHIDIDAE) IN SWEET SORGHUM 
Chapter contents prepared for publication in: Mercer, N.H., Bessin, R.T., Obrycki, J.J. 
Impact of buckwheat and methyl salicylate lures on natural enemy abundance for 
early season management of Melanaphis sacchari (Hemiptera: Aphididae) in sweet 
sorghum. Crop Protection. 
 
3.1 Introduction 
For biological control of pests in annual cropping systems to be successful, 
natural enemy response to low pest densities may be important during the initial pest 
colonization of the crop (Landis and Werf 1997, Wiedenmann and Smith 1997, Rutledge 
et al. 2004, Brown 2011, Athey et al. 2016, Gómez-Marco et al. 2016). However, during 
this period resources for natural enemies are often low in fields, and supplying necessary 
resources which are absent from the main crop may increase their abundance (Simpson et 
al. 2011a,b). Flowering non-crop plants can provide shelter, supply nectar and pollen, 
house alternative prey (Landis et al. 2000, Lundgren 2009) and increase overall 
abundance of natural enemies (Simpson et al. 2011a,b, Blaauw and Isaacs 2015, Gurr et 
al. 2017). Buckwheat (Fagopyrum esculentum Moench) is an annual flower that can be 
attractive and beneficial for a wide array of predators and parasitoids (Lee and Heimpel 
2005, Bickerton and Hamilton 2012, Woltz et al. 2012). However, flowers alone may be 
insufficient to increase natural enemy abundance (Berndt et al. 2002, Bone et al. 2009) 
and other complementary methods may be required to increase early season natural 
enemy abundance.  
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Synthetic herbivore-induced plant volatiles (HIPVs) are another method to 
promote natural enemies in crops (Rodriguez-Saona et al. 2011, Simpson, Gurr, 
Simmons, Wratten, James, Leeson, Nicol, and Orre-Gordon 2011). HIPVs are 
semiochemicals that plants produce when damaged by herbivores and can act as 
repellants to pests and attractants to natural enemies (James 2003, Khan et al. 2008). The 
HIPV methyl salicylate has been used to attract natural enemies in a number of crop 
systems for several pest species (James 2003, Khan et al. 2008, Rodriguez-Saona et al. 
2011) including aphids (Campbell et al. 1993). Combining floral plantings with methyl 
salicylate lures improved the effectiveness of either method alone in beans, brassicas and 
vineyards with Lepidopteran pests (Simpson et al. 2011a,b, Salamanca et al. 2018). 
The sugarcane aphid, Melanaphis sacchari Zehntner (Hemiptera: Aphididae), is a 
cosmopolitan pest that attacks several genera of grasses (Singh et al. 2004). The species 
has been present in the US since the 1970s (Denmark 1988), but in 2013 a new strain of 
M. sacchari that attacks sorghum (Sorghum bicolor L.) was identified in the US 
(Nibouche et al. 2018). Since 2013, M. sacchari has been found in most of the sorghum 
growing areas of the US, causing significant damage to grain, forage (Bowling et al. 
2016, Brewer et al. 2017) and sweet sorghum (Villanueva 2016). M. sacchari must 
recolonize much of its North American range every year because it requires a live plant 
host to survive winter (Bowling et al. 2016, Brewer et al. 2017). In Kentucky, M. 
sacchari arrives between late June and early August (Villanueva 2016), reaching peak 
densities late August. Sweet sorghum is an important cash crop for many growers in 
Kentucky, and M. sacchari’s arrival has posed a major pest problem for growers 
(personal communication R. Bessin). Management options are limited but include 
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insecticidal soap or flupyradifurone (Sivanto Prime, Bayer CropScience, Leverkusen, 
Germany). Adjustments to sweet sorghum planting and harvesting date, as well as 
choosing varieties with shorter maturity times, may prevent large M. sacchari infestations 
that occur toward the end of the growing season (Chapter 5).  
Many species of natural enemies attack M. sacchari (Colares et al. 2015a, Brewer 
et al. 2017, Maxson et al. 2019); however, the naturally occurring predators and 
parasitoids do not apply sufficient population suppression to prevent outbreaks. The 
combination of buckwheat and methyl salicylate lures has the potential to increase natural 
enemy abundance in sweet sorghum fields prior to the arrival of M. sacchari. Our 
objective in this 3-year field study was to test the extent to which buckwheat and methyl 
salicylate lures alone and in combination (2x2 factorial design) increase the abundance of 
natural enemies, reduce M. sacchari abundance, and prevent yields loss.  
3.2 Materials and Methods 
3.2.1 Experimental Setup 
Field sites were located at the University of Kentucky’s Spindletop Research 
Farm, Fayette Co., KY, US (N 38o 6’ 15.9” W 84o 25’ 57.9”) in 2017, 2018 and 2019. A 
two by two factorial treatment arrangement in a randomized block design was used to test 
the effects of buckwheat and methyl salicylate lures (PredaLure, AgBio, Inc. Denver, 
Colorado, US) (lures). Plots were 15.25 x 15.25 m in 2017 with three replicates and 13.7 
x 13.7 m in 2018 and 2019 with four replicates. Blocks were separated by at least 100 m 
and plots within blocks were 30.5 m apart. Plot spacing within blocks is greater than the 
lure range of 6.3 m (AgBio Inc. recommendation). The herbicide S-metolachlor (Dual II 
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Magnum, Syngenta Crop Protection LLC, Greensboro, North Carolina, US) was applied 
at the recommended rate of 1.75 L per ha on May 31, 2017, May 24, 2018 and April 27, 
2019 for weed management. Plots were seeded on June 1, 2017, May 23, 2018 and May 
22, 2019 with 0.9 m row spacing and 0.08-0.1 m spacing between plants in a row. The 
‘Dale’ variety of sweet sorghum was used, and seeds were treated with fluxofenim 
(Concep III, Syngenta Crop Protection LLC, Greensboro, North Carolina, US) by the 
seed supplier (Townsend Sorghum Mill, Jeffersonville, Kentucky, US) prior to planting 
to protect seeds from S-metolachlor. Plots were fertilized with 46-0-0 urea (Southern 
States, Richmond VA) within four weeks of planting at a rate of 314.6 kg of nitrogen per 
ha in all three years. 
A single buckwheat border strip was planted on June 13, 2017 in a 1.8 m wide 
strip around each treatment plot. Due to heavy rains, three of the plots were replanted on 
June 28, 2017. In 2018 and 2019, adjustments were made to buckwheat plantings to 
increase the length of time that flowers were blooming. Buckwheat was planted in 
sequential border strips, each 0.61 m wide, on May 25, June 20 and July 18, 2018 and 
May 28, June 26 and July 26, 2019. The timing was such that as one strip of buckwheat 
stopped flowering another began to bloom. Border areas of plots not receiving buckwheat 
borders were regularly mowed. Lures were placed in the center of plots on 1.8 m stakes 
on July 7, 2017. In 2018 and 2019, a lure was placed on each end of the center row of the 
plot and set out when the first set of buckwheat bloomed. Lures were replaced monthly 
during the field experiments.  
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3.2.2 Natural Enemy Surveys 
Surveys for natural enemies were initiated on July 13, 2017 and at the onset of the 
first buckwheat bloom in 2018 (June 29) and 2019 (June 28). Natural enemy surveys 
were conducted weekly until harvest using three methods; yellow sticky cards, visual 
surveys and vacuum sampling. Yellow sticky cards were attached to tops of 1.8 m stakes, 
and three were spaced 3.8 m apart along the center row of each plot. Yellow sticky cards 
were replaced every other week. Visual surveys were performed weekly for two five-
minute observations at random locations within each plot. All natural enemies and life 
stages observed were recorded. Border strips were vacuum sampled weekly using a 
handheld vacuum (Heavy duty hand-held vac/aspirator, BioQuip Products, Inc., CA, US) 
in two random locations per plot for 30 seconds each in an area roughly 0.62 m2. Plots 
with buckwheat were vacuumed from blooming buckwheat, while plots without 
buckwheat were vacuumed in border areas within 2 m of the sweet sorghum. Natural 
enemies found on yellow sticky cards or from vacuum sampling were identified to 
family, except for Coccinellidae which were identified to either species or subfamily in 
the case of Scymninae, and counted using a stereomicroscope (Gordon 1985, Triplehorn 
and Johnson 2005).  
3.2.3 Melanaphis sacchari Surveys 
Surveys for M. sacchari began on June 30, 2017, June 29, 2018 and June 28, 2019 
and continued until harvest in September. In 2017, M. sacchari surveys were done twice 
a week by searching one leaf on ten plants per plot and tagging the leaf if M. sacchari 
were found. Subsequent M. sacchari surveys in 2017 checked the tagged leaves and then 
additional randomly selected leaves to total 10 leaves per plot on each sampling date. If a 
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tagged leaf was found to have no M. sacchari or if the tag was missing in a subsequent 
survey, it was not included in the total counts and an additional leaf was checked. M. 
sacchari on each leaf were counted in the field up to 100. If more than 100 M. sacchari 
were present on a leaf, photographs were taken and M. sacchari were counted using grid 
estimation in ImageJ (Schindelin et al. 2012). A grid was overlaid on the photo and the 
mean number of M. sacchari in three full cells was calculated. This mean was then used 
to estimate the number M. sacchari in the remaining full cells. If a cell was only partially 
filled with M. sacchari, the percent filled was taken of the full cell mean (e.g. a cell 50% 
full, was counted as having 50% of the mean number of estimated aphids). All cell counts 
were then summed giving the total M. sacchari per leaf.  
In 2018 and 2019, M. sacchari survey methods were based on established 
methods developed for grain sorghum (Brewer et al. 2017). M. sacchari were counted 
weekly by searching eight sets of five plants in each plot. Plants were searched by 
selecting one leaf between 1 and 1.5 m above the ground. M. sacchari were counted up to 
50, beyond which the number of aphids was visually estimated to be in one of four ranges 
51-100 (counted as 75), 101-500 (counted as 250), 501-1,000 (counted as 750) and 
>1,000 (counted as 1,500).  
3.2.4 Harvest 
In 2017, plots were harvested 45 days after sweet sorghum flowered. In 2018 and 
2019, plots were harvested at the onset of the hard dough stage of the sweet sorghum 
seed. In 2017 and 2018, each plot was harvested by cutting a random 3.1 m row of sweet 
sorghum plants at their base and taking the ten tallest plants. Leaves and heads were 
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removed. Stalk weight was recorded and then stalks were crushed in a three-cylinder 
press to extract the juice. Juice was weighed and degrees brix (percent soluble solids of 
an aqueous solution) measured with a refractometer (Atago 3810 Digital Pocket 
Refractometer. ATAGO, Tokyo, Japan). In 2019, two random 1.5 m rows were harvested 
per plot instead of one 3.1 m row and all plants were processed. The two sections from 
each plot were combined to measure stalk weight, juice weight and brix in the same 
manner as 2017 and 2018.  
3.2.5 Data Analysis 
To assess the impact of buckwheat and lures on natural enemies in relation to M. 
sacchari establishment, sampling dates were grouped into three time periods: prior to M. 
sacchari arrival, establishment of M. sacchari (M. sacchari present but not increasing in 
abundance) and M. sacchari increase (when populations were increasing exponentially) 
(Table 3-1). The change from establishment to increase was set when the slope of M. 
sacchari populations between two sequential sampling dates exceeded one. Slope was 
calculated using the difference in mean number of M. sacchari divided by the number of 
days between sampling dates in each plot. These individual plot slopes were then 
averaged for each sampling date to asses if M. sacchari populations had moved from the 
establishment to the increase phase. Within each time period, total natural enemies found 
on each sampling date were averaged across all sampling dates per plot within the time 
period. This was done separately for each natural enemy survey method: border 
vacuuming, visual surveys and yellow sticky cards. Mean natural enemies within each 
time period were compared with a three-way ANOVA. Mean natural enemies were log 
transformed to meet the ANOVA assumptions of homogeneous variance. Buckwheat and 
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lure were fixed effects and block was a random effect. Vacuum border surveys in 2017 
yielded low counts across the season and regardless of data transformation, the data did 
not meet the assumptions of ANOVA. Thus, counts were averaged across the entire year 
instead of in each time period. Anthocoridae were common in plots and border strips and 
were analyzed separately. Anthocoridae numbers were averaged in the same manner as 
total natural enemies and compared with the same ANOVA model. As this was a post 
priori test, the level of significance was adjusted from 0.05 to 0.025. Chrysopidae and 
Coccinellidae eggs had patchy distribution, and one clutch of eggs could double to 
quadruple the number of natural enemies found in a plot. Therefore, eggs were not 
included in the analysis, but their data can be found summarized in Table 3-2. In 2018 
while M. sacchari populations were increasing, Anthocoridae were not statistically 
analyzed because their populations were low and found in two of 16 plots.  
Surveys for M. sacchari in 2017 were done in a manner that biased counts 
towards leaves with aphids, artificially inflating densities. M. sacchari counts for 2017 
were therefore not statistically analyzed and used only for determining population periods 
of M. sacchari. For 2018 and 2019, M. sacchari counts were grouped in the same manner 
as natural enemies. Within each phase, cumulative aphid days were calculated for each 
plot using the equation ∑[(xi + xi−1)/2] × (ti − ti−1) (Brewer et al. 2017). In this equation, x 
represents the mean aphid counts of 40 leaves in a plot on day i and the previous 
sampling day, i-1, t is ith date of aphid counts. Cumulative aphid days M. sacchari were 
log transformed to meet the ANOVA assumptions of homogeneous variance and assessed 
with a repeated measures ANOVA. Buckwheat and lure were fixed effects. Block was a 
random factor.  
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In 2017 and 2018, weight of juice and brix was used to calculate grams of sugar 
per 10 stalks as a measure of yield. In 2019, weight of juice and brix was used to 
calculate kilograms of sugar per hectare. Within all years, yield was compared using a 
three-way ANOVA, with buckwheat and lures as fixed effects and block as a random 
effect. Due to poor sweet sorghum growth, one plot in 2017 and 2019 were removed 
from yield analysis. Data are deposited in the UKnowledge repository doi: 
https://doi.org/10.13023/xtv7-ps75. 
3.3 Results 
Over the three-year field study, 21 natural enemy taxa were identified in sweet 
sorghum and border strips (Supp. Table 3-1,3- 2 and 3-3) (Fig. 3-1). Coccinellidae and 
Chrysopidae eggs were present during natural enemy surveys and increased over the 
course of each field season (Table 3-2). Over the three years of this experiment, no aphid 
parasitoid mummies were found. Hymenoptera that are likely to be parasitoids were 
found both in sweet sorghum and border areas, but they were not included in analysis 
because there was no evidence M. sacchari was attacked by these parasitoids. 
Hymenoptera counts are included as supplemental data (Supp. Table 3-4). Results of M. 
sacchari and natural enemy surveys are presented in the order of M. sacchari 
colonization phases.  
3.3.1 Prior to Melanaphis sacchari Arrival 
Prior to the arrival of M. sacchari, buckwheat border areas had significantly 
higher abundance of natural enemies in 2017 and 2018 but not in 2019 (Tables 3-3, 3-4). 
Anthocoridae were more abundant in buckwheat than non-buckwheat border areas in 
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2018 (Tables 3-3, 3-4) and were the most common natural enemy found within border 
areas, regardless of treatment (Supp. Table 3-1). Within sweet sorghum plots bordered by 
buckwheat, an increase in mean number of natural enemies was observed in visual counts 
prior to M. sacchari in 2018 (Tables 3-3, 3-5). Counts from yellow sticky cards in 2019 
indicate that buckwheat had a negative impact on Anthocoridae abundance within sweet 
sorghum plots, although mean numbers of natural enemies did not differ on yellow sticky 
cards in the three years (Tables 3-4, 3-6).  
3.3.2 Establishment of Melanaphis sacchari 
After the arrival of M. sacchari, buckwheat strips increased natural enemies in 
borders of sweet sorghum plots 2019, but not in 2017 or 2018 (Tables 3-3, 3-4). Border 
areas around sweet sorghum plots with lures in 2019 had higher natural enemies (Tables 
3-3, 3-4), however, buckwheat plantings interacted with lures to lower natural enemy 
abundance in buckwheat strips (Tables 3-3, 3-4). In 2017 visual counts of mean numbers 
of natural enemies in sweet sorghum plots were reduced in plots with lures and 
buckwheat (Tables 3-3, 3-5). During the establishment of M. sacchari lures decreased the 
mean natural enemy abundance found with visual surveys in 2018 (Tables 3-3, 3-6). 
Natural enemies and Anthocoridae abundance on yellow sticky cards were not impacted 
by treatment in any year (Tables 3-3, 3-6). Cumulative aphid days for M. sacchari during 
its establishment were only affected by treatments in 2019, where lure plots had higher 
cumulative aphid days (Table 3-7).  
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3.3.3 Melanaphis sacchari Increase 
Natural enemy abundance was higher in buckwheat boarders in 2018 and 2019 
(Tables 3-3, 3-4) during the increase of M. sacchari. Anthocoridae abundance was also 
higher in buckwheat strips in 2019, however, Anthocoridae were not present in border 
strips, regardless of treatment, in 2018 during the increase phase (Tables 3-3, 3-4). In 
2019 visual surveys found sweet sorghum to have lower mean natural enemy abundance 
(Tables 3-3, 3-5) and yellow sticky cards had fewer Anthocoridae when bordered by 
buckwheat (Tables 3-3, 3-6). However, despite some of these treatment effects, 
cumulative aphid days were not different among treatments in either year (Table 3-7). 
3.3.4 Yield 
Sweet sorghum was harvested on September 22, 2017, September 14, 2018 and 
September 13, 2019. No difference was found among the treatments in any year for 
grams of sugar per ten stalks in 2017 and 2018 or for kilograms of sugar per hectare in 
2019 (Table 3-8). 
3.4 Discussion 
 Buckwheat plantings and methyl salicylate lures individually attract and retain 
natural enemies in vineyards, strawberries, brassicas, soybeans and cranberries (Berndt et 
al. 2002, Lee and Heimpel 2005, Lee 2010, Rodriguez-Saona et al. 2011, Woltz et al. 
2012), and they increase natural enemies when combined in sweetcorn and brassicas 
(Simpson et al. 2011a,b). Our goal was to increase natural enemies early in the season to 
slow aphid population increase in sweet sorghum. However, little impact of buckwheat 
and methyl salicylate on natural enemy abundances or on the reduction of M. sacchari 
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populations was observed in this study. Results were similar among the three M. sacchari 
phases, and we therefore discuss the results by treatment.  
3.4.1 Effect of Buckwheat 
Buckwheat strips consistently had a higher abundance of natural enemies relative 
to non-buckwheat strips throughout the season. While the plant composition was not 
determined, no flowering plants were observed in the non-buckwheat strips. Non-
buckwheat strips were also regularly mowed, likely reducing their ability to support 
natural enemies. The relative abundance of natural enemies between border areas and 
sweet sorghum also differed greatly (Fig. 3-1). Anthocoridae were the most common 
taxon in border areas and attacks M. sacchari (Colares et al. 2015b), however, their 
abundance in fields was decreased by buckwheat prior to and during the increase of M. 
sacchari. The increase of total natural enemies within buckwheat borders only 
corresponded to higher abundance within sweet sorghum in one M. sacchari phase from 
one year. No subsequent decrease in cumulative aphid days was observed. Previous 
research documented that natural enemies can use border plantings without a 
corresponding increase in abundance in the neighboring crop (Koji et al. 2007, Bone et 
al. 2009, Woltz et al. 2012). A negative effect of buckwheat on natural enemy abundance 
within sweet sorghum may indicate that the flowers act in a similar fashion to perimeter 
trap crops, where the border crop is more attractive than the main crop (Cavanagh et al. 
2009). Intercropping buckwheat with sweet sorghum may draw more natural enemies 
into the sweet sorghum.  
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 How beneficial a particular flower species depends on the natural enemy 
(Lundgren 2009, Walton and Isaacs 2011). Coccinellidae were the most abundant natural 
enemy within sweet sorghum in this study and likely provide the majority of the 
biological control, whereas Anthocoridae was the most common taxon sampled in border 
areas. Differences in sampling methods between border areas and sweet sorghum are 
unlikely to be the reason for the low number of Coccinellidae is buckwheat. 
Coccinellidae were never observed from visual inspection in buckwheat strips (personal 
observation). 
3.4.2 Effect of Methyl Salicylate 
 Methyl salicylate is attractive to natural enemies and can induce defensive 
responses in plants (James 2003, Khan et al. 2008, Rodriguez-Saona et al. 2011). 
However, impacts of lures were only noted with a decrease in natural enemy abundance 
or with an increase in cumulative aphid days within the sweet sorghum. Other studies 
have found a negative effect of methyl salicylate on natural enemies (Snoeren et al. 2010, 
Vidal-Gomez et al. 2018). Podisus maculiventris Say (Hemiptera: Pentatomidae) had a 
lower predation rate on Manduca sexta L. (Lepidoptera: Sphingidae) when constantly 
exposed to methyl salicylate (Vidal-Gomez et al. 2018). Observations of predator 
efficacy were not made, but the negative impact of lures on natural enemy abundance in 
2019 and an increase in cumulative aphid days in 2018 indicates that methyl salicylate as 
employed in this study is not beneficial for M. sacchari management. Methyl salicylate is 
just one component of a complex mixture of semiochemicals emitted from plants when 
fed on by herbivores (Hare 2011). In addition, methyl salicylate is only one part of the 
cues natural enemies use to locate herbivores (Schellhorn et al. 2014) and without 
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complementary stimuli may have undesired effects.  Other cues that natural enemies need 
to locate prey may not be included with methyl salicylate alone, resulting in ineffective or 
false signals (Kaplan 2012). The higher cumulative aphid days observed during the 
establishment of M. sacchari in 2019 was not associated with a change in natural enemy 
abundance. Thus, decrease in predation efficiency with constant exposure to methyl 
salicylate may have caused the increase of M. sacchari (Vidal-Gomez et al. 2018). 
Buckwheat and methyl salicylate were intended to complement each other, but the two 
treatments only statistically interacted twice. In both cases, the interaction caused a 
reduction in natural enemy abundance in sweet sorghum plots.  
Over the three years of this experiment, there was no evidence of parasitoids 
attacking M. sacchari. Aphelinus nigritus Forster (Hymenoptera: Aphelinidae) and 
Lysiphlebus testaceipes Cresson (Hymenoptera: Braconidae) are two parasitoid species 
which attack M. sacchari in the Midwest US (Maxson et al. 2019). Both L. testaceipes 
and the Aphelinus varipes Foster species complex (which includes A. nigritus) (Wharton 
1983) occur in central Kentucky, US (Lenhart and White 2017), but parasitoid 
populations can vary in their host preference (Hopper et al. 2019). L. testaceipes and A. 
nigritus in the Midwest US are abundant in cereal crop systems (Brewer et al. 2019) 
which are not common in central Kentucky. This difference in host and host plants in the 
landscape may explain the lack of parasitoids attacking M. sacchari in our study.  
Biological control of aphids is most successful prior to outbreaks (Landis and 
Werf 1997, Wiedenmann and Smith 1997, Rutledge et al. 2004, Brown 2011, Athey et al. 
2016, Gómez-Marco et al. 2016). Buckwheat and methyl salicylate did not attract or 
retain natural enemies before or after the establishment of M. sacchari within sweet 
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sorghum. For early season biological control of M. sacchari other options should to be 
explored. Coccinellidae was observed to be the most abundant predator taxon within 
sweet sorghum. Sugar sprays have be shown to retain Coccinellidae in soybean 
(Seagraves et al. 2010) and may be able to reduce the number of M. sacchari colonizing 
sweet sorghum fields. Another option being explored is augmentative releases of 
parasitoids to manage M. sacchari in sweet sorghum fields in central Kentucky (Chapter 
4, Appendix 2); combining releases with floral resources like buckwheat may help retain 
the released parasitoids.  
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Table 3-1. M. sacchari time periods for 2017, 2018 and 2019. Only one survey for 
natural enemies was conducted prior to M. sacchari arriving in 2017. [N] is the number 
of natural enemy sampling dates that occurred during the time period for border 
vacuuming, border areas, and visual counts.  
Year Prior to M. sacchari M. sacchari Establishment M. sacchari Increase 
2017 11-Jul July 12 - July 28 July 29 - September 12 
 [1] [2] [6] 
2018 June 29-August 2 August 3 - August 29 August 30 - September 16 
 [3] [3] [6] 
2019 June 28 - July 17 July 18 - August 2 August 3 - September 13 
  [5] [5] [2] 
 
 
 
 
 
 
 
 
Table 3-2. Mean (±SEM) natural enemy eggs (Chrysopidae 
and Coccinellidae) found in visual surveys of natural 
enemies in sweet sorghum across three seasonal sampling 
periods based on M. sacchari colonization.  
M. sacchari 
Phase 
Year 
2017 2018 2019 
Prior 3.21 ± 1.31 2.69 ± 0.91 0.94 ± 0.42 
Establishment 6.71 ± 1.01 10.26 ± 2.74 13.39 ± 3.22 
Increase 23.54 ± 3.05 14.09 ± 3.19 59.66 ± 4.86 
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Table 3-3. Analysis of variance of mean natural enemies and Anthocoridae from three 
years and three sampling methods based on M. sacchari colonization of sweet sorghum. 
Mean natural enemies are all natural enemies identified. BW = effect of buckwheat, Lure 
= effect of methyl salicylate lures, BW x Lure = effect of interaction. Values for 2017 
border vacuum were totaled over the whole year and are only shown in the M. sacchari 
Phase Prior row. 
M. sacchari 
Phase 
Sampling 
Method Year Taxa Effect df 
F-
value 
p-
value 
Prior Border 
Vacuum 
2017 Total BW 1,6 10.90 0.016 
   Lure 1,6 0.16 0.706 
   
BW x 
Lure 1,6 0.16 0.706 
  2018 Total BW 1,9 26.07 0.001 
    Lure 1,9 1.41 0.265 
    
BW x 
Lure 1,9 0.82 0.389 
   Anthocoridae BW 1,9 26.82 0.001 
    Lure 1,9 0.84 0.383 
    
BW x 
Lure 1,9 0.84 0.383 
  2019 Total BW 1,9 0.59 0.463 
    Lure 1,9 0.00 0.972 
    
BW x 
Lure 1,9 1.26 0.290 
   Anthocoridae BW 1,9 3.03 0.116 
    Lure 1,9 1.56 0.243 
    
BW x 
Lure 1,9 0.00 0.987 
 Visual 
Surveys 
2017 Total BW 1,9 0.13 0.734 
   Lure 1,9 4.44 0.080 
    
BW x 
Lure 1,9 0.45 0.529 
  2018 Total BW 1,9 4.33 0.067 
    Lure 1,9 0.15 0.712 
    
BW x 
Lure 1,9 2.16 0.176 
  2019 Total BW 1,9 1.54 0.245 
    Lure 1,9 0.04 0.837 
    
BW x 
Lure 1,9 0.00 0.997 
 Yellow 
Sticky Cards 
2017 Total BW 1,6 1.05 0.346 
   Lure 1,6 0.02 0.904 
    
BW x 
Lure 1,6 0.85 0.393 
   Anthocoridae BW 1,6 0.57 0.480 
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Table 3-3. Continued 
M. sacchari 
Phase 
Sampling 
Method Year Taxa Effect df 
F-
value 
p-
value 
    Lure 1,6 1.40 0.282 
    
BW x 
Lure 1,6 0.32 0.593 
  2018 Total BW 1,9 0.94 0.358 
    Lure 1,9 0.06 0.819 
    
BW x 
Lure 1,9 4.09 0.074 
   Anthocoridae BW 1,9 8.05 0.012 
    Lure 1,9 1.83 0.210 
    
BW x 
Lure 1,9 0.13 0.731 
  2019 Total BW 1,9 0.37 0.557 
    Lure 1,9 0.48 0.506 
    
BW x 
Lure 1,9 0.13 0.723 
   Anthocoridae BW 1,9 1.00 0.342 
    Lure 1,9 0.76 0.407 
    
BW x 
Lure 1,9 0.18 0.683 
Establishment Border 
Vacuum 
2018 Total BW 1,9 3.43 0.097 
   Lure 1,9 0.12 0.739 
   
BW x 
Lure 1,9 0.35 0.571 
  Anthocoridae BW 1,9 1.50 0.251 
   Lure 1,9 0.26 0.625 
   
BW x 
Lure 1,9 0.41 0.539 
 2019 Total BW 1,9 20.05 0.002 
   Lure 1,9 4.11 0.073 
   
BW x 
Lure 1,9 8.67 0.016 
  Anthocoridae BW 1,9 11.02 0.009 
   Lure 1,9 1.20 0.302 
   
BW x 
Lure 1,9 2.53 0.147 
 Visual 
Surveys 
2017 Total BW 1,6 2.09 0.199 
   Lure 1,6 0.03 0.862 
   
BW x 
Lure 1,6 5.75 0.053 
  2018 Total BW 1,9 0.22 0.648 
    Lure 1,9 5.54 0.043 
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Table 3-3. Continued 
M. sacchari 
Phase 
Sampling 
Method Year Taxa Effect df 
F-
value 
p-
value 
   
 BW x 
Lure 1,9 0.38 0.555 
  2019 Total BW 1,9 0.43 0.527 
    Lure 1,9 1.93 0.198 
   
 BW x 
Lure 1,9 2.60 0.141 
 Yellow 
Sticky Cards 
2017 Total BW 1,6 1.11 0.333 
   Lure 1,6 1.75 0.234 
   
BW x 
Lure 1,6 0.21 0.666 
  Anthocoridae BW 1,6 1.15 0.325 
   Lure 1,6 0.42 0.541 
   
BW x 
Lure 1,6 0.08 0.782 
  2018 Total BW 1,9 0.20 0.663 
    Lure 1,9 1.78 0.215 
    
BW x 
Lure 1,9 0.14 0.719 
   Anthocoridae BW 1,9 3.97 0.077 
    Lure 1,9 0.74 0.412 
    
BW x 
Lure 1,9 4.86 0.055 
  2019 Total BW 1,9 1.68 0.227 
    Lure 1,9 2.53 0.146 
    
BW x 
Lure 1,9 0.03 0.872 
   Anthocoridae BW 1,9 2.15 0.177 
    Lure 1,9 2.54 0.146 
    
BW x 
Lure 1,9 0.21 0.657 
Increase Border 
Vacuum 
2018 Total BW 1,9 8.40 0.018 
   Lure 1,9 0.73 0.414 
   
BW x 
Lure 1,9 0.73 0.414 
 2019 Total BW 1,9 5.67 0.041 
   Lure 1,9 3.15 0.110 
   
BW x 
Lure 1,9 0.93 0.361 
  Anthocoridae BW 1,9 9.67 0.013 
   Lure 1,9 2.26 0.167 
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Table 3-3. Continued 
M. sacchari 
Phase 
Sampling 
Method Year Taxa Effect df 
F-
value 
p-
value 
    
BW x 
Lure 1,9 0.44 0.522 
 Visual 
Surveys 
2017 Total BW 1,6 0.31 0.598 
   Lure 1,6 0.61 0.464 
   
BW x 
Lure 1,6 0.43 0.539 
 2018 Total BW 1,9 1.62 0.236 
   Lure 1,9 0.38 0.555 
   
BW x 
Lure 1,9 2.94 0.120 
 2019 Total BW 1,9 4.82 0.056 
    Lure 1,9 0.26 0.622 
    
BW x 
Lure 1,9 0.81 0.392 
 Yellow 
Sticky Cards 
2017 Total BW 1,6 1.43 0.277 
   Lure 1,6 0.08 0.788 
   
BW x 
Lure 1,6 0.03 0.879 
  Anthocoridae BW 1,6 2.85 0.142 
   Lure 1,6 0.61 0.465 
    
BW x 
Lure 1,6 0.58 0.475 
  2018 Total BW 1,9 1.03 0.337 
    Lure 1,9 0.06 0.817 
    
BW x 
Lure 1,9 0.19 0.670 
   Anthocoridae BW 1,9 5.00 0.052 
    Lure 1,9 0.52 0.491 
    
BW x 
Lure 1,9 2.73 0.133 
  2019 Total BW 1,9 1.82 0.211 
    Lure 1,9 0.41 0.539 
    
BW x 
Lure 1,9 0.51 0.493 
   Anthocoridae BW 1,9 1.04 0.333 
    Lure 1,9 0.77 0.404 
        
BW x 
Lure 1,9 0.18 0.679 
 
  
57 
 
Table 3-4. Mean natural enemies (±SEM) collected during vacuum sampling among 
four treatments across three seasonal sampling periods based on M. sacchari 
colonization.  Con = control, BW = buckwheat, BWL = Buckwheat and Lure.  2017 
data was combined from all three time periods due to low natural enemy abundance 
and Anthocoridae were not analyzed. 
Year M. sacchari Period Treatment Total Anthocoridae 
2017 Total 
Control 0.13±0.11  
BW 0.37±0.07  
BWL 0.37±0.03  
Lure 0.18±0.07   
2018 
Prior 
Control 0.31±0.19 0 
BW 1.75±0.74 1.31±0.64 
BWL 2.44±0.44 1.81±0.34 
Lure 0.38±0.22 0 
Establishment 
Control 0.50±0.22 0.17±0.10 
BW 0.75±0.16 0.25±0.08 
BWL 1.00±0.24 0.50±0.29 
Lure 0.50±0.32 0.17±0.17 
Increase 
Control 0.25±0.16 0 
BW 1.67±0.90 0.25±0.16 
BWL 0.75±0.16 0 
Lure 0.25±0.16 0 
2019 
Prior 
Control 0.25±0.16 0.17±0.10 
BW 1.00±0.58 0.50±0.32 
BWL 0.58±0.48 0.25±0.16 
Lure 0.58±0.25 0 
Establishment 
Control 0.33±0.14 0.25±0.16 
BW 2.17±0.52 1.42±0.48 
BWL 1.75±0.16 1.17±0.22 
Lure 1.33±0.24 0.75±0.21 
Increase 
Control 1.50±0.58 0.79±0.49 
BW 2.08±0.38 1.42±0.42 
BWL 1.75±0.50 1.17±0.42 
Lure 0.38±0.10 0.17±0 
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Table 3-5. Mean natural enemy (±SEM) counts from visual surveys among four 
treatments across three seasonal sampling periods based on M. sacchari colonization. 
Con = control, BW = buckwheat, BWL = Buckwheat and Lure.  
M. sacchari Period Treatment 2017 2018 2019 
Prior 
Control 0.67±0.44 2.10±0.76 2.33±0.73 
BW 0.67±0.67 2.15±0.39 3.25±0.96 
BWL 1.83±0.33 2.80±0.75 3.08±0.34 
Lure 1.33±0.60 1.15±0.17 2.25±0.37 
Establishment 
Control 3.75±0.63 8.15±1.69 6.42±1.87 
BW 4.42±0.17 8.00±1.91 8.75±0.25 
BWL 3.08±0.96 5.55±1.67 5.17±0.83 
Lure 6.00±0.29 4.15±1.21 6.25±1.11 
Increase 
Control 30.33±2.17 14.38±4.35 49.29±7.42 
BW 26.75±8.44 27.75±10.31 37.29±7.74 
BWL 31.81±2.0 15.25±3.71 41.71±7.28 
Lure 31.61±4.49 19.00±8.31 47.25±6.51 
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Table 3-6. Mean natural enemy counts (±SEM) captured on yellow sticky 
cards among four treatments across three seasonal sampling periods based 
on M. sacchari colonization of sweet sorghum. Con = control, BW = 
buckwheat, BWL = Buckwheat and Lure 
Year M. sacchari Period Treatment Total Anthocoridae 
2017 
Prior 
Control 37.67±5.84 2.67±0.88 
BW 38.33±9.13 4.33±2.6.0 
BWL 33.00±9.24 2.33±1.33 
Lure 48.33±11.86 1.33±1.33 
Establishment 
Control 39.00±16.01 3.67±1.2.0 
BW 30.00±5.03 1.67±0.33 
BWL 19.67±4.26 5.00±3.61 
Lure 27.67±3.38 4.33±1.20 
Increase 
Control 123.78±16.31 12.89±2.73 
BW 108.89±11.94 11.44±3.07 
BWL 112.56±8.02 8.89±2.16 
Lure 123.22±2.61 12.56±1.74 
2018 
Prior 
Control 42.63±1.88 10.88±1.60 
BW 52.75±8.72 6.00±2.11 
BWL 40.88±13.4 7.88±1.40 
Lure 58.13±6.36 13.63±2.40 
Establishment 
Control 45.38±6.67 9.50±2.37 
BW 40.13±2.87 3.50±2.01 
BWL 36.88±5.81 6.63±1.59 
Lure 38.0±7.54 6.25±1.27 
Increase 
Control 19.50±3.71 5.75±2.40 
BW 14.50±1.50 4.25±0.50 
BWL 17.75±4.57 2.50±0.64 
Lure 20.25±5.59 6.25±1.18 
2019 
Prior 
Control 23.0±6.24 5.00±2.65 
BW 21.0±2.42 4.75±0.63 
BWL 24.5±10.12 6.75±2.56 
Lure 15.50±2.33 2.75±1.18 
Establishment 
Control 35.63±4.58 16.25±2.09 
BW 40.75±3.15 14.38±3.38 
BWL 48.38±7.13 17.25±3.66 
Lure 42.88±6.00 23.75±3.11 
Increase Control 74.67±5.23 12.33±1.22 BW 83.75±15.71 10.92±4.01 
60 
 
Table 3-6. Continued 
Year M. sacchari Period Treatment Total Anthocoridae 
  BWL 81.08±7.70 12.17±1.66 
  Lure 66.33±9.97 14.17±3.05 
 
Table 3-7. Mean cumulative aphid days of M. sacchari for 2018 and 2019 during the 
two colonization phases, establishment and increase. BW = buckwheat, BWL = 
Buckwheat and Lure. Analysis of variance results for the factors buckwheat (BW) and 
lures and their interaction (BWL) are shown to the right of the factor. 
Year Treatment 
M. sacchari Establishment M. sacchari Increase 
Mean 
(±SEM) df F p 
Mean 
(±SEM) df F p 
2018 Control 173.96 ± 110.41    
278.49 ± 
132.31    
 
BW 213.27 ± 109.06 1,9 0.25 0.63 
355.91 ± 
237.72 1,9 0.06 0.81 
 
BWL 24.70 ± 5.38 1,9 0.01 0.93 
177.80 ± 
88.0 1,9 0.01 0.91 
  Lure 63.24 ± 45.36 1,9 0.37 0.56 
374.76 ± 
208.77 1,9 1.68 0.23 
2019 Control 7.51 ± 3.76    
6847.05 ± 
1130.3    
 
BW 12.74 ± 9.7 1,9 0.31 0.59 
5725.52 ± 
817.67 1,9 2.64 0.14 
 
BWL 16.21 ± 6.6 1,9 0.2 0.67 
8621.9 ± 
2189.42 1,9 0.51 0.49 
  Lure 41.56 ± 15.14 1,9 4.51 0.06 
8335.82 ± 
1364.27 1,9 0.18 0.68 
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Table 3-8. Sweet sorghum yield. 2017 and 2018 are means 
(±SE) of grams of sugar per ten stalks. 2019 is kilograms of 
sugar per hectare.  BW = buckwheat, BWL = Buckwheat and 
Lure. Analysis of variance results for the factors buckwheat 
(BW) and lures and their interaction (BWL) are shown to the 
right of the corresponding factor. 
Year Treatment Means (±SEM) df F p 
2017 Control 0.99±0.09    
 BW 0.80±0.06 1,5 1.97 0.22 
 BWL 0.84±0.10 1,5 0.18 0.69 
  Lure 0.88±0.09 1,5 3.03 0.14 
2018 Control 0.71±0.05    
 BW 0.70±0.03 1,9 0.18 0.68 
 BWL 0.69±0.02 1,9 0.01 0.97 
  Lure 0.70±0.04 1,9 0.17 0.69 
2019 Control 4487±313    
 BW 4620±323 1,8 1.86 0.21 
 BWL 5238±363 1,8 0.03 0.88 
  Lure 4876±204 1,8 3.53 0.10 
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Figure 3-1.Total natural enemy (N) families from three years of sampling among four 
treatments from yellow sticky cards (A, D, G), vacuum sampling (B, E, H) and visual 
counts (C, F, I). Other are families (Nabidae, Pentatomidae, Berytidae and 
Hemerobiidae) that individually made up <1% of natural enemies found in all years and 
sampling methods. 
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CHAPTER 4. PARASITIZATION OF THE SUGARCANE APHID, MELANAPHIS 
SACCHARI (HEMIPTERA: APHIDIDAE), BY COMMERCIALLY AVAILABLE APHID 
PARASITOIDS 
Prepared for submission in: Mercer, N.H., Bessin, R.T., Obrycki, J.J. Parasitization of the 
sugarcane aphid, Melanaphis sacchari (Hemiptera: Aphidiae), by commercially available 
aphid parasitoids. Pest Management Science. 
4.1 Introduction 
As new insect pests emerge, identifying natural enemies for biological control is 
critical. Classical biological control could provide the ideal parasitoid-host match for a 
new invasive pest, however, this requires surveys in the pest’s native region, non-target 
assessment and legal approval (van Lenteren et al. 2006, de Clercq et al. 2011). 
Fortunately, mass-reared aphid parasitoids are available, and can be used in augmentative 
releases to manage aphid pests, e.g., Aphidius colemani Viereck (Hymenoptera: 
Braconidae) for Myzus persicae Sulzer (Hemiptera: Aphididae) (Vasquez et al. 2006) or 
Aphidius ervi Haliday  for Aulacorthum solani Kaltenbach (Hemiptera: Aphididae) (La-
Spina et al. 2019). In North America, four species of aphid parasitoids are used for 
augmentative releases: Aphelinus abdominalis Dalman (Hymenoptera: Aphelinidae), 
Aphi. colemani, Aphi. ervi, and Aphidius matricariae Haliday. The four species have 
relatively broad host ranges, spanning 18, 12, 10 and 9 aphid genera for Aphe. 
abdominalis, Aphi. colemani, Aphi. ervi and Aphi. matricariae, respectively (Stary et al. 
1993, Japoshvili and Abrantes 2006, Tomanović et al. 2009). Prior to recommending 
augmentative releases of these parasitoids, testing to demonstrate their effectiveness at 
managing the target pest is required.  
The first step to determine the viability of a parasitoid species for augmentative 
biological control of a new aphid pest species is to determine host acceptance and host 
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suitability for the parasitoid. Host acceptance is defined as the parasitoid choosing to 
oviposit in the aphid (Vinson 1976), and host suitability is defined as the successful 
development of parasitoids in the aphid host (Vinson and Iwantsch 1980). Host 
acceptance can be influenced by several factors, including host plant, visual stimuli, 
olfactory cues and cues detected by the ovipositor upon insertion into the potential host 
(Vinson 1976, Messing and Rabasse 1995, Larocca et al. 2007). Once an egg has been 
laid within a host, parasitoid development (host suitability) can depend on the host’s 
immune response, endosymbionts, nutritional state and age (Vinson and Iwantsch 1980, 
Cayetano and Vorburger 2015).  
The sugarcane aphid, Melanaphis sacchari Zehntner (Hemiptera: Aphididae), is a 
cosmopolitan pest that feeds on several genera of grasses (Singh et al. 2004). M. sacchari 
has been present in the US as an occasional pest of sugarcane since the 1970s (Denmark 
1988). In 2013, a new genotype of M. sacchari was found infesting grain, forage, and 
sweet sorghum in the southern US (Nibouche et al. 2018), resulting in major crop losses 
(Bowling et al. 2016, Brewer et al. 2017). M. sacchari reached Kentucky in 2015, where 
it infested sweet sorghum fields and caused crop failures and yield losses (Villanueva 
2016). Sweet sorghum is predominately grown for syrup and is an important crop in 
Kentucky, worth an estimated $16-27 million yearly (R. Bessin, personal 
communication). Once established on sorghum, M. sacchari populations can increase 
rapidly and reduce sugar concentrations. A single aphid can produce 98 nymphs during 
their 2-5 week adult life span (Hinson 2017). Management recommendations for M. 
sacchari in Kentucky sweet sorghum are limited. Chemical recommendations include 
insecticidal soap or flupyradifurone (Sivanto® Prime, Bayer CropScience, Leverkusen, 
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Germany), which is only available under an emergency exemption. Cultural management 
practices include early planting and harvesting prior to the development of large M. 
sacchari infestations in the latter half of the sweet sorghum growing season. M. sacchari 
is attacked by a variety of natural enemies (Chapter 3). Aphelinus nigritus Foerster 
(Hymenoptera: Aphelinidae) and Lysiphlebus testaceipes Cresson (Hymenoptera: 
Braconidae) are two parasitoid species which attack M. sacchari in the US (Brewer et al., 
2017), neither of which are commercially avaliable. Although both L. testaceipes and the 
Aphelinus varipes species complex (which includes Aphe. nigritus) (Wharton 1983) 
occur in Kentucky, US  (Lenhart and White 2017), M. sacchari mummies have only been 
observed in western Kentucky (personal communication, R. Villanueva). 
Existing host records for the four commercially available aphid parasitoids show 
promise for their ability to parasitize M. sacchari. Many naturally occurring parasitoids 
including Aphi. colemani and Aphi. ervi parasitize M. sacchari in the central Mexican 
state of Guanajuato (Salas-Araiza et al. 2017), but a survey in Coahuila, Mexico (which 
borders the US) found only L. testaceipes and Aphe. nigritus (García-González et al. 
2018). Aphe. abdominalis and Aphi. matricariae are not known to attack aphids in the 
genus Melanaphis, but do have hosts within the same sub-tribe (Rhopalosiphina) 
(Kavallieratos et al. 2004, Japoshvili and Abrantes 2006, Kim and Lee 2008). Parasitoids 
are an important part of aphid population suppression (Snyder and Ives 2001, 2003, 
Schmidt et al. 2003), and their addition to the sweet sorghum system may reduce M. 
sacchari population growth and abundance. Our objectives were to determine the host 
acceptance and suitability of M. sacchari for Aphe. abdominalis, Aphi. ervi, Aphi. 
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colemani, and Aphi. matricariae and to assess effects of these parasitoids on the 
population growth of M. sacchari.  
4.2 Materials and Methods 
4.2.1 Insect and Plant Rearing 
M. sacchari colonies were established from field collections at Spindletop 
Research Farm (University of Kentucky, Lexington, KY) in 2018 and maintained at 25o 
C, 14:10 L:D in growth chambers (Percival Scientific Inc, Perry, IA) on four to eight-
week-old sweet sorghum (Sorghum bicolor, variety Dale).  Sweet sorghum was grown in 
20 cm pots with ~15 plants per pot at 24o C in greenhouses (natural light supplemented 
with mercury halide lamps set at 14:10 L:D) and fertilized every two weeks with 20-20-
20 fertilizer (Southern States, Richmond VA) at a rate of 1.6 g/L.  
Aphe. abdominalis, Aphi. ervi, Aphi. colemani, and Aphi. matricariae were 
obtained from a commercial insectary (Rincon-Vitova Insectaries, Inc. Ventura, CA, US). 
Upon delivery, parasitoid pupae were kept at 22o C, 14:10 L:D in growth chambers. 
Cotton balls soaked in a 1:1 water honey solution were supplied for adult parasitoids.   
4.2.2 Experimental Design 
Host acceptance and suitability of M. sacchari was assessed with four parasitoid 
species (treatments): Aphe. abdominalis, Aphi. ervi, Aphi. colemani, Aphi. matricariae. 
Host acceptance was determined by behavioral observations of parasitoid-M. sacchari 
interactions over 24 hours. Host suitability of M. sacchari for each treatment was 
assessed with aphids from host acceptance trials. These aphids were monitored for 
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development of mummies and emergence of adult parasitoids, and results were compared 
to a control group that was not exposed to wasps. In addition, M. sacchari populations 
were monitored to assess the biological control potential of each parasitoid species.  
4.2.3 Host Acceptance 
Host acceptance trials were initiated 72 hours after the first adult parasitoids 
emerged from the shipped pupae. This 72-hour period allowed for emergence and mating 
of parasitoids, and all females were assumed to have mated within this time. For this 
experiment, the parasitoid generation received from the insectary was considered the 
parental generation (P). Arenas for observing host acceptance behaviors were plastic petri 
dishes (10 x 1.5 cm) lined with a moist paper towel. A 1 cm hole covered with mesh 
(530-micron mesh) in the petri dish lid provided ventilation. Three 8 x 1 cm sections of 
sweet sorghum leaf with 10 M. sacchari per section were placed in each dish. Infested 
leaves contained a variety of M. sacchari life stages as the parasitoid life stage preference 
for M. sacchari is unknown. A single female parasitoid was introduced to each dish. Host 
acceptance was replicated 12 times per parasitoid species. The control treatment for host 
suitability was also initiated at this time, replicated 12 times, and treated the same as 
other treatments but without receiving a female parasitoid. Five-minute observations 
were made immediately following addition of a female parasitoid, and at 8 and 24 hours 
after parasitoid introduction. The number of attacks (striking at M. sacchari with their 
ovipositor, but not inserting their ovipositor into an aphid) and ovipositions (inserting 
their ovipositor into an aphid) for each parasitoid female was recorded. Ovipositions were 
assumed to successfully deposit an egg in M. sacchari; no dissections were performed to 
determine presence of parasitoid eggs. Arenas were placed in a growth chamber (25o C 
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and 14:10 L:D) after the first and second observation. Following the third observation, 
host suitability trials were initiated.  
4.2.4 Host Suitability 
Host suitability was examined in 60 x 60 x 60 cm cages (bugDorm ®, Megaview 
Science Inc., Talchung, Taiwan) containing a 10 cm pot with three eight-week old sweet 
sorghum plants. Sweet sorghum was grown as before. Cages were kept in greenhouses 
(25o C, 14:10 L:D). Leaf sections infested with M. sacchari from host acceptance arenas 
were placed on sweet sorghum in the host suitability testing cages, one arena per cage. 
Due to space limitations with cages, 11 of the 12 host acceptance replicates per treatment 
were randomly selected for use in the host suitability trial. This yielded 11 replicates per 
treatment, and 55 total cages. Parasitoid females used in the host acceptance experiment 
were removed. The number of M. sacchari in cages was counted every other day for ten 
days and mummies and adult parasitoids were counted every other day for 16 days. 
Emerged adult parasitoids (F1) were removed from cages with an aspirator and stored in 
species specific growth chambers at 25o C and 14:10 L:D. F1 adult parasitoids were 
provided cotton balls soaked in a 1:1 water-honey solution.  
4.2.5 F1 Generation 
On day 13 of the P host suitability trials, five F1 female parasitoids from each 
species were collected and tested for host acceptance and suitability in the same manner 
as the P parasitoid generation. There were five replicates per species (Parental Aphe. 
abdominalis did not produce any progeny and were not included in F1 trials). Sweet 
sorghum plants used in the host suitability trials were ten weeks old. Representative 
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adults from P, F1 and F2 were collected for measurement of head capsule width to 
compare variation in size using a stereoscope at 50x magnification. Head capsule size is 
correlated with egg size and load in two other Braconidae species, Aphaereta minuta 
Nees (Visser 1994) and Lysiphlebus fabarum Marshall (Ameri et al. 2013). Measurement 
of head capsule width was done in ImageJ (Schindelin et al., 2012). Sex of parasitoids 
could not be determined for head capsule measurements as they were stored in a manner 
that did not preserve the abdomen sufficiently to identify the presence of the ovipositor. 
4.2.6 Data Analysis 
Comparisons among treatments in number of individual female parasitoids that had at 
least one attack or oviposition were done with Fisher’s Exact Test. The number of attacks 
and ovipositions made by females was not analyzed due to uneven occurrences among 
the species. Differences in life stage distribution of M. sacchari in the host acceptance 
trials were assessed with a contingency table for both P and F1 generations. M. sacchari 
mummies were most abundant eight days after parasitoid exposure for all parasitoid 
species in both generations. After day eight, mummy counts began to decline, likely due 
to mummies falling off leaves. Day eight was therefore chosen for analysis of mummies. 
Mummies found on the eighth day post-parasitoid exposure and number of total adult 
parasitoids emerged were assessed using ANOVA, a complete randomized design, with 
species as a fixed effect. Tukey’s test was performed to determine differences between 
treatments. Mummies found on the eighth day post-parasitoid exposure and number of 
total adult parasitoids was log transformed to meet the homogeneity of variance 
assumption of ANOVA. Controls and Aphe. abdominalis treatments were not included in 
mummy or adult parasitoid emergence analysis as they were all zeros (with exception of 
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one mummy from one Aphe. abdominalis) and thus violated the assumptions of ANOVA. 
A Kruskal-Wallis test was used to analyze adult parasitoids produced by the F1 
generation as data did not conform to ANOVA assumptions with or without data 
transformations. Difference in head capsule size among generations was assessed 
separately for each species. Head capsule size was compared with an ANOVA, with 
generation as a fixed effect. As sex could not be determined, all individuals were pooled 
within a generation. 
Change in M. sacchari population size over time was assessed using repeated 
measures ANOVA, with day and treatment as fixed effects and cage as a random effect. 
M. sacchari abundance on day 10 (final day of M. sacchari counts) was assessed with 
ANOVA, with treatment as a fixed effect, and difference between treatments was 
determined with Tukey’s test. All tests were done in R v. 3.2.4 (R Core Team, 2016) with 
packages “nlme” (Bates et al., 2017) and “multcomp” (Hothorn et al., 2008). 
Contingency tables were run using PROC FREQ (SAS Institute Inc. 2014). Voucher 
specimens of all four parasitoid species are in the University of Kentucky Insect 
Museum. Data are deposited in the UKnowledge repository doi: 
https://doi.org/10.13023/a4fv-f708. 
4.3 Results 
4.3.1 Host Acceptance 
All parasitoid species in the parental generation had one or more females from the 
parental generation attack and oviposit in M. sacchari during the 15 minutes of 
observations (Table 4-1). The life stage distribution of the 30 M. sacchari used in the 
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parental host acceptance differed by treatment (X2 = 43.14, df = 20, p = 0.002). This 
difference was due to control arenas having fewer alate (X2 = 11.78, df = 4, p = 0.02) and 
4th instar (X2 = 10.16, df = 4, p = 0.04) M. sacchari than the other treatments. The number 
of females that attacked or oviposited in the parental generation was similar among the 
four parasitoid species. Aphe. abdominalis did not produce any adults from the parental 
generation and was therefore not tested during the F1 generation. The life stage 
distribution of the 30 M. sacchari used in the F1 host acceptance did not differ among 
treatments (X2 = 22.34, df = 15, p = 0.10). The F1 generation of the other four species of 
parasitoids attacked and oviposited in M. sacchari at least once (Table 4-1). The 
proportion of F1 individuals that attacked (Fisher’s exact test, p=0.07) and oviposited 
(Fisher’s exact test, p=0.07) at least once differed among species, with Aphi. colemani 
having the highest proportion. The number of attacks and ovipositions was not 
statistically analyzed among the F1 generation due to the uneven number of individuals 
that attacked among parasitoid species. However, Aphi. colemani had the highest number 
of attacks and ovipositions over the 15 minutes of observation in the F1 generation.  
4.3.2 Host Suitability 
All P and F1 generations Aphidius species produced mummies and adults (Table 
4-2). Mummies were first found six days after aphid exposure to parasitoids in both 
generations for the Aphidius species. Treatments in the parental generation differed in the 
number of mummies present eight days after exposure to parasitoids (ANOVA, 
F2,30=12.49, p<0.001). Aphi. colemani produced more mummies than Aphi. matricariae 
(Tukey’s test, p=0.006) or Aphi. ervi (p<0.001). Parental Aphe. abdominalis produced 
one mummy from all cages by day eight and a total of four over 16 days of host 
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suitability testing. Eight days after exposure to F1 parasitoids there was a difference 
among the number of mummies produced among treatments (F2,12=3.47, p=0.06). Aphi. 
colemani produced more mummies than Aphi. matricariae (p=0.06).  
In the parental generation, Aphi. colemani and Aphi. ervi adults began to emerge 
10 days and Aphi. matricariae 12 days after aphids were exposed to parasitoids. Aphi. 
colemani produced the most adults per cage (F2,30=9.67, p<0.001) over the 16 days of 
parental host suitability trials. Aphi. colemani produced more adult parasitoids than Aphi. 
ervi (p=0.001) and Aphi. matricariae (p=0.002). All parental Aphi. colemani produced F1 
adults and 10 of 11 parental Aphi. ervi and Aphi. matricariae produced F1 adults. F2 
parasitoids took two days longer to emerge than their parents. F1 Aphi. colemani and 
Aphi. ervi produced more adult parasitoids than Aphi. matricariae (Fisher’s Exact test, 
X2=5.23, df=2, p=0.07). F1 Aphi. colemani and Aphi. ervi had four of five replicates 
produce adults. Only one F1 Aphi. matricariae produced adult offspring.  
The F1 generation produced more mummies but fewer adults than the P 
generation (Table 4-2). Over half of mummies from P females (based on counts on day 
eight) developed into adults, whereas only an average of one third of F1 mummies 
developed into adults. There was a noticeable difference in mummy color within cages 
and between generations. Brown and black colored mummies were found in both 
generations for Aph. colemani, Aphi. ervi and Aphi. matricariae cages. In the parental 
generation, 13±3% were black mummies; F1 generation produced 54±3% black 
mummies among Aphidius species cages.  
Head capsule width differed between the generations for Aphi. colemani (F2,55 = 
6.22, p = 0.003), Aphi. matricariae (F2,44 = 32.75, p < 0.001) and Aphi. ervi (F2,44 = 
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19.01, p < 0.001) (Table 4-3). F1 Aphi. colemani head width was significantly smaller 
than P (p=0.04) or F2 (p=0.003). Aphi. matricariae F1 head widths were smaller than P 
(p<0.001), F2 were not significantly different from P or F1. Aphi. ervi P head capsules 
were wider than F1 (p<0.001) or F2 (p<0.001). 
4.3.3 Melanaphis sacchari Population Response 
 Populations of M. sacchari increased over the course of the experiment in P 
(F4,200=155.22, p<0.001) and F1 (F4,64=121.09, p<0.001) generations. In both P 
(F16,200=4.02, p<0.001) (Fig. 4-1) and F1 (F12,64=2.77, p=0.004) (Fig. 4-2) experiments 
there was a significant interaction between date and treatment, indicating that M. sacchari 
population growth patterns differed by treatment. In the parental generation experiment 
M. sacchari populations differed significantly on day 10 (F4,50=5.03, p=0.002). M. 
sacchari in control cages grew from 30 to 405±82 aphids per cage after 10 days. M. 
sacchari populations grew to 387±54, 263±62, 149±41 and 102±19 after exposure to 
Aphe. abdominalis, Aphi. matricariae, Aphi. ervi and Aphi. colemani respectively. Aphid 
population sizes when exposed to Aphi. ervi (p=0.01) and Aphi. colemani (p=0.08) were 
lower than controls. In the F1 generation experiment, M. sacchari in control cages grew 
to 526±88 aphids per cage after 10 days. M. sacchari populations grew to 887±94, 
522±138, and 496±102 when exposed to Aphi. matricariae, Aphi. ervi and Aphi. 
colemani respectively. None of the treatments during the F1 trials differed significantly 
on day 10 from one another. 
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4.4 Discussion 
 The four species of parasitoids accepted M. sacchari as a host, but the host was 
only suitable for species in the genus Aphidius. Aphe. abdominalis had the lowest 
frequency of attacks and ovipositions. Differences in attack rate have previously been 
observed between Aphelinus and Aphidius. Aphi. matricariae oviposited six times more 
than Aphelinus asychis Walker on Diuraphis noxia Mordvilko (Hemiptera: Aphididiae), 
despite field populations of Aphe. asychis being more prevalent in D. noxia infested 
fields(de Farias and Hopper 1999). F1 Aphi. colemani and Aphi. ervi had an increase in 
host acceptance from their parents, with more individuals attacking and ovipositing. 
Increase in host acceptance over generations has been observed in other aphid parasitoids 
(Pennacchio et al. 1994, Messing and Rabasse 1995, Henry et al. 2008). Aphi. 
matricariae had fewer attacks and ovipositions in the second generation relative to the 
parental generation, despite having some of the highest number of observed attacks and 
ovipositions. While not all adults were observed to attack or oviposit during the parental 
host acceptance trials, all Aphidius species had 10 of 11 replicates produce mummies and 
adults, evidence that longer observations periods may be necessary to quantify host 
acceptance.  
 Parental Aphi. colemani produced four times more adults than either Aphi. ervi or 
Aphi. matricariae, whereas Aphe. abdominalis produced no viable adults. It is possible 
Aphe. abdominalis needed longer than the 16 day test period to complete development, as 
the lifecycle of Aphe. abdominalis can range from two to three weeks (Höller and Haardt 
1993, Couty et al. 2001, Velasco-Hernández et al. 2017). However, subsequent dissection 
of mummies produced by Aphe. abdominalis found no larvae or pupae within M. 
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sacchari, which suggests M. sacchari is not a suitable host for Aphe. abdominalis. The 
endosymbiont Hamiltonella defensa has been detected in M. sacchari (Colares et al. 
2015b). Some strains of H. defensa can provide resistance for their hosts parasitoids, 
including Aphe. abdominalis (McLean and Godfray 2015) and Aphi. ervi (Oliver et al. 
2003). 
 Because chemical control measures for M. sacchari are often applied only a few 
weeks before harvest, a delay in aphid population growth could be the difference between 
needing to spray or not. Aphid mortality from mummy formation is not the only means of 
suppressing aphid population growth. Aphi. ervi produced a quarter of the mummies and 
adults compared with Aphi. colemani, yet suppressed M. sacchari populations equally. 
Ingerslew and Finke (2017) found that the act of stinging Acyrthosiphon pisum Harris 
(Hemiptera: Aphididae) by Aphidius ervi shortened the aphid’s lifespan, regardless of 
whether a parasitoid egg was deposited. Unlike their parents, F1 Aphi. colemani and 
Aphi. ervi failed to suppress M. sacchari populations. This difference is unexpected as F1 
produced more mummies than P, which would normally mean fewer aphids able to 
reproduce. We are unsure what may be causing this difference between generations. A 
possibility is that the F1 had a lower fitness (based on their head size) and did not 
suppress M. sacchari’s immune system, which hindered the F2 larvae and allowed the 
aphids to produce more offspring. Another possibility is that M. sacchari responded to 
the parasitoid attacks with an increase in reproduction, as has been observed before in M. 
sacchari (Wright et al. 2019) as well as in Aphis glycines Matsumura (Kaiser and 
Heimpel 2016). 
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 Parasitoid size is a strong proxy for overall fitness, with larger parasitoids 
producing more eggs that are larger and increased adult longevity (Visser 1994, He and 
Wang 2006). F1 parasitoids were smaller than P across all species, which suggests M. 
sacchari is possibly smaller than the host that the P generation was reared in, resulting in 
smaller offspring (Silava et al. 2011, Jones et al. 2015). Another, and not exclusive 
possibility, is that M. sacchari is a lower quality host than the natal host of P, which 
would concur with the increased development time of F2 relative to F1 (Silava et al. 
2011, Velasco-Hernández et al. 2017). While parasitoids were not sexed, observations 
were made that F1 were more skewed toward males than P. During sorting of F1 
parasitoids for the initiation of F1 host acceptance trials, more wasps had to be sorted to 
find the needed number of females.  Male parasitoids are generally smaller than the 
females and an increase in the proportion of males could explain the decrease in mean 
head size. F2 Aphi. colemani however, were significantly larger than F1, indicating a 
possible increase in suitability of M. sacchari as a host for Aphi. colemani over multiple 
generations. Increases in acceptance and suitability of a host may require two to 40 
generations to be detected (Pennacchio et al. 1994, Henry et al. 2008). 
 Although F1 Aphi. colemani and Aphi. ervi produced more mummies than their 
parents., the proportion of mummies that successfully developed into adults was lower 
than their parents (Table 4-2). Aphidius mummies are normally tan. Tan and black 
mummies were found in both generations. Black mummies were presumed to be larvae 
that failed to complete development. No emergence holes were found in black mummies 
and dissections found nothing recognizable as a developing parasitoid. Across all species, 
14 ± 3% of mummies produced by P parasitoids were black. However, 54 ± 3% of 
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mummies produced by F1 were black. The cause of the mummies to fail and turn black is 
unknown. F1 were smaller than P, indicating a possible decrease in fitness between 
generations (Visser 1994) .  
This study determined that Aphi. colemani, and to a lesser extent Aphi. ervi, were 
well suited to use M. sacchari as a host and greatly suppressed population growth. In our 
experiments Aphi. colemani produced the most adults and successfully reduced M. 
sacchari population growth. However, the second generation, despite producing as many 
or more mummies than the parental, failed to suppress aphid population growth. 
Augmentative field releases of mass reared parasitoids have mixed results (Höller and 
Haardt 1993, Montoya et al. 2000, Gardner et al. 2011, Gariepy et al. 2015). However, 
Aphi. colemani has already been found to successfully attack M. sacchari in the field in 
Mexico (Salas-Araiza et al. 2017). Thus, Aphi. colemani is a strong candidate for M. 
sacchari management using inundative releases which do not rely on further generations 
to suppress M. sacchari populations. Further testing is needed to determine the 
effectiveness of field releases of these aphid parasitoids.  
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Table 4-1. Host acceptance of M. sacchari by Aphi. colemani, Aphi. ervi, Aphi. 
matricariae and Aphe. abdominalis parental and F1 generations. Parental 
generation had 12 replicates per species. F1 had five replicates per species. Percent 
(%) is percentage of females that attacked or oviposited at least once during the 
total 15 minutes of observation. Mean = mean number of attacks or ovipositions of 
those individuals that attacked or oviposited at least once during the 15 minutes of 
observation. NA indicates that there were no individuals to test. 
Generation  Species  Attacked  Oviposited 
    %  Mean ±SE  %  Mean ±SE 
P 
 Aphi. colemani  58  7.4±2.5  42  4.8±1.9 
 Aphi. ervi  33  3.0±1.0  17  2.0±1.0 
 Aphi. matricariae  25  12.0±6.0  25  8.0±3.5 
 Aphe. abdominalis  25  1.7±0.7  25  1.0±0 
F1 
 Aphi. colemani  100 
 9.4±3.0  100 
 5.2±1.4 
 Aphi. ervi  60  4.3±0.9  60  2.0±1.2 
 Aphi. matricariae  20  2.0±0  20  1.0±0 
 Aphe. abdominalis  NA  NA  NA  NA 
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Table 4-2. Host suitability of M. sacchari for both parental (P) and F1 parasitoid 
generations of Aphi. colemani, Aphi. ervi, Aphi. matricariae and Aphe. 
abdominalis. Mean (±SE) cumulative mummies found eight days after M. 
sacchari exposure to parasitoids (Mummies) per cage and total adult parasitoids 
per cage that emerged from M. sacchari 16 days after 30 M. sacchari were 
exposure to parasitoids (Adults). Ratio is the adult parasitoids produced per 
mummy. NA indicates that there were no individuals to test. 
Generation  Species  Mummies  Adults  Ratio 
P 
 Aphi. colemani  12.7±1.8 a  11.1±2.2 a  0.87 
 Aphi. ervi  3.4±0.8 b  2.9±0.6 b  0.85 
 Aphi. matricariae  6.3±1.3 b  3.6±1.1 b  0.57 
 Aphe. abdominalis  0.1±0.1  0  0 
F1 
 Aphi. colemani  14.0±1.5 a  4.4±2.2 a 
 0.31 
 Aphi. ervi  13.6±4.5 a  4.4±2.1 a  0.32 
 Aphi. matricariae  4.0±2.5 b  0.9±0.4 b  0.23 
 Aphe. abdominalis  NA  NA  NA 
Aphe. abdominalis was not included in statistical analysis due to low counts. 
Means followed by the same letter within a generation and column are not 
significantly different (Tukey: p<0.05).  
 
 
Table 4-3. Mean head width (mm) of aphid parasitoids from parental (P), second 
(F1) and third (F2) generations from M. sacchari. N is number of individuals 
measured (females and males). NA indicates there were no individuals to measure. 
Species P F1 F2 
 N Mean ± SE N Mean ± SE N Mean ± SE 
Aphi. colemani 24 0.38±0.006a 17 0.36±0.007b 17 0.39±0.006a 
Aphi. ervi 23 0.46±0.010a 12 0.37±0.01b 17 0.37±0.007b 
Aphi. matricariae 32 0.40±0.005a 13 0.33±0.011b 2 0.37±0.001b 
Aphe. abdominalis 19 0.44±0.008 0 NA 0 NA 
Aphe. abdominalis was not included in statistical analysis due to low counts. 
Means with the different letters within a species denote significant differences 
(p<0.05) according to Tukey’s Test.  
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Figure 4-1. Boxplot of M. sacchari abundance post adult parasitoid parental 
generation exposure on sweet sorghum in greenhouse cages. Letters indicate 
significant difference (p<0.05) according to Tukey’s post hoc test on day 10 after M. 
sacchari was exposed to parasitoids. 
Figure 4-2. Boxplot of M. sacchari abundance post adult F1 generation exposure 
on sweet sorghum in greenhouse cages.  
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CHAPTER 5. EFFECT OF SWEET SORGHUM PLANTING DATE ON 
MELANAPHIS SACCHARI (HEMIPTERA: APHIDIDAE) POPULATIONS AND YIELD 
5.1 Introduction 
Melanaphis sacchari Zehntner (Hemiptera: Aphididae) is a global pest, that 
attacks several genera of grasses, notably sugarcane (Saccharum officinarum L.) and 
sorghum (Sorghum bicolor L.) (Singh et al. 2004). M. sacchari has been present in the 
US since the 1970s as an occasional pest on sugarcane (Denmark 1988). In 2013, M. 
sacchari was reported in large numbers on sorghum in northern Mexico and the southern 
US, and since then has emerged as a serious pest of sorghum in much of the US (Bowling 
et al. 2016, Brewer et al. 2019). This host shift is likely due to a new strain of M. sacchari 
from Africa or Asia (Nibouche et al. 2018). At high population densities M. sacchari 
reduces yield, and if left unmanaged, can lead to complete crop loss (Gordy et al. 2019). 
Insecticides (Bowling et al. 2016, Buntin and Roberts 2016, Davis et al. 2019), resistant 
plant lines (Armstrong et al. 2015, Szczepaniec 2018, Gordy et al. 2019) and planting 
date alterations (Szczepaniec 2018, Haar et al. 2019, Seiter et al. 2019) have been 
developed for M. sacchari management on grain sorghum. However, little research has 
focused on M. sacchari on sweet sorghum. 
Sweet sorghum is a variety of sorghum grown for stalk juice, which is reduced to 
a molasses syrup. Sweet sorghum is an important cash crop for many growers in 
Kentucky; over 800 hectares are grown annually, yielding $16-20 million (R. Bessin, 
personal communication). M. sacchari causes significant damage to sweet sorghum from 
phloem feeding and the resulting accumulation of honeydew and sooty mold on the 
leaves. Currently, there are two management tactics recommended for M. sacchari 
infesting sweet sorghum in Kentucky. One is the use of chemical insecticides, either 
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flupyradifurone (Sivanto® Prime, Bayer CropScience, Leverkusen, Germany) or 
insecticidal soap. The second is manipulation of planting date to reduce sweet sorghum 
exposure to damaging levels of M. sacchari. The extent to which planting date 
manipulation can reduce yield loss due to M. sacchari in sweet sorghum has not be 
established. 
Manipulation of planting date can be a simple and effective tactic to reduce pest 
damage by minimizing the duration a plant is exposed to pests during susceptible stages 
of growth (Thompson et al. 1994, Hammon et al. 1996, Royer et al. 2005). M. sacchari 
arrives in Kentucky between late June and early August and reaches peak densities in late 
August to early September. Direct seeding of sweet sorghum in Kentucky is 
recommended in early May, when soil temperatures are at least 18oC at 5.1 cm below the 
soil surface. Earlier planting requires growing sweet sorghum plants in protected 
environments and then transplanting to the field. Planting sorghum earlier in the season 
facilitates an earlier harvest and may reduce yield loss by limiting exposure to M. 
sacchari. We hypothesize that planting sweet sorghum earlier in the season will reduce 
yield loss from M. sacchari relative to later planting dates by reducing cumulative aphid 
infestation days. 
5.2 Materials and Methods 
5.2.1 Experimental Design 
Field plots for the experiment were located at the University of Kentucky’s 
Spindletop Research Farm, Fayette Co., KY, US (N 38o 7’ 35” W 84o 30’ 28”) in 2017, 
2018, and 2019. Three sweet sorghum planting dates were tested each year. The terms 
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early, mid and late planting are used in reference to the first, second, and third planting 
dates, respectively, for each year (Table 5-1). In 2018 and 2019 the early sweet sorghum 
was started in 288 cell trays with 4-5 seeds per cell, in a greenhouse (25oC, 14:10 L:D, 
natural light supplemented with mercury halogen bulbs). Plants were fertilized every two 
weeks with 20-20-20 fertilizer (Southern States, Richmond VA) at a rate of 1.6 g/L. 
Seedlings were transplanted to the field on May 9, 2018 and May 15, 2019. The sweet 
sorghum variety ‘Dale’ (Broadhead et al. 1970) was used for all experiments, and seeds 
were treated with fluxofenim (Concep III, Syngenta Crop Protection LLC, Greensboro, 
North Carolina, US) by the seed supplier (Townsend Sorghum Mill, Jeffersonville, 
Kentucky, US) prior to planting to protect seeds from S-metolachlor (Dual II Magnum, 
Syngenta Crop Protection LLC, Greensboro, North Carolina, US) herbicide applications.  
In 2017 the experimental design was a randomized complete block design with 
three replications. Treatments were the three planting dates each replicated three times. 
Each experimental plot was 15.25 x 15.25 m, and no space was left between plots. Each 
row was treated as one block. Plots were sprayed pre-emergence with the herbicide S-
metolachlor at the recommended rate of 1.75 L per ha. In 2017 herbicide was applied on 
June 2 to early-planting plots, June 21 to mid-planting plots and June 30 to the late-
planting plots. 
In 2018 and 2019 the experimental design was altered to control for the effect of 
planting date on sweet sorghum by including an insecticidal drench treatment to reduce 
M. sacchari densities. The experimental design was a split plot arrangement of a 
randomized complete block design with four replications of treatments; main plots were 
planting dates (early, mid and late) and split (sub) plots were insecticide treatments 
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(insecticide or no insecticide). Main plots were 13.7 x 13.7 m with 2.4 m between each 
plot. In 2018 herbicide was applied in the same manner as 2017, but on May 1 in early-
planting plots, May 12 in mid-planting plots and June 15 in the late-planting plots. In 
2019 herbicide was applied to all plots on May 7 to better time herbicide application with 
cultivation of plots and emergence of weeds. Transplants for the early-planting date 
treatment were planted with 0.9 m row spacing and 0.3 m between the transplanted plugs 
containing approximately 3 plants. The other two planting dates were direct seeded with 
0.9 m row spacing and 0.08-0.1 m between plants. Direct seeded plots were fertilized 
with urea (46-0-0 Southern States, Richmond VA) within four weeks of planting; 
transplanted plots were fertilized within two weeks of being transplanted. All plots were 
fertilized at a rate of 314 kg of nitrogen per ha in all three years.  
Split-plot insecticide treatments in 2018 and 2019 were either a drench 
application of flupyradifurone at a rate of 0.5 L per ha applied at the first detection of M. 
sacchari or no insecticide. Thus, allowing the measurement of planting date effect on 
sweet sorghum yield. Subplots were created by splitting whole plots in half along the 
center row (of 15); one half was randomly assigned as insecticide treatment or not. 
Flupyradifurone drenches do not spread more than 1 m from application site (Villanueva 
unpublished data), therefore the middle row of sweet sorghum was not surveyed of 
harvested. A strong storm occurred on July 21, 2018, lodging over 90% of the early-
planted sweet sorghum. Lodging prevented drench applications of flupyradifurone. To 
keep treatments among all planting dates equal, plots were not drenched, but sprayed 
with insecticide once M. sacchari reached the action threshold of ≥50 M. sacchari on 10 
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of the 40 leaves surveyed per plot (M. sacchari action threshold were reduced to of ≥40 
M. sacchari on 10 of the 40 leaves instead of ≥50 after this study).  
5.2.2 Melanaphis sacchari Surveys 
M. sacchari surveys began on June 30, 2017, June 28, 2018 and June 27, 2019. In 
2017, M. sacchari surveys were done twice a week by searching one leaf on ten plants 
per plot and tagging the leaf if M. sacchari were found. Subsequent M. sacchari surveys 
in 2017 checked the tagged leaves and then additional randomly selected leaves needed 
to total 10 leaves per plot on each sampling date. If a tagged leaf was found to have no M. 
sacchari or if the tag was missing, it was not included in the total counts and an 
additional leaf was checked. M. sacchari on each leaf were counted in the field up to 100. 
If more than 100 M. sacchari were present on a leaf, photographs were taken and M. 
sacchari were counted using gird estimation in ImageJ (Schindelin et al. 2012). A grid 
was overlaid on the photo and the mean number of M. sacchari in three full cells was 
calculated. This mean was then used to estimate the number M. sacchari in the remaining 
full cells. If a cell was only partially filled with M. sacchari, the percent filled was 
estimated of the full cell mean (e.g. a cell 50% full = 50% of the mean number of 
estimated aphids). All cell counts were then summed giving the total M. sacchari per 
leaf.  
In 2018 and 2019, survey methods were based on established methods developed 
for grain sorghum (Brewer et al. 2017). M. sacchari were counted once a week by 
searching eight sets of five plants in each plot. Plants were searched by selecting one leaf 
between 1 to 1.5 m. M. sacchari were counted up to 50, beyond which the number of 
aphids was visually estimated to be in one of four ranges: 51-100 (counted as 75), 101-
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500 (counted as 250), 501-1,000 (counted as 750) and >1,000 (counted as 1,500). In all 
years, sweet sorghum within 1 m of the edge of the plot was not surveyed to minimize 
edge effects. The one exception to this was that the lodged plants in 2018 were not 
surveyed, leaving no option but to include border plants.   
5.2.3 Harvest 
In 2017, plots were harvested 45 days after sweet sorghum flowered. In 2018 and 
2019, plots were harvested at the onset of the hard dough stage of the sweet sorghum 
seed. In 2017 and 2018, harvesting of each plot was done by cutting a random 3.1 m row 
of sweet sorghum plants at their base and taking the ten tallest plants. Leaves and heads 
were removed. Stalk weight was recorded and then stalks were crushed in a three-
cylinder press to extract the juice. Juice was weighed and degrees brix (percent soluble 
solids of an aqueous solution) was measured with a refractometer (Atago 3810 Digital 
Pocket Refractometer. ATAGO, Tokyo, Japan). Juice weight and degrees brix were used 
to calculate sugar per plant as a proxy for syrup yield. Lodged sweet sorghum plants were 
not harvested. In 2019, two randomly selected 1.5 m rows were harvested and all plants 
were processed. The two sections from each plot were combined to measure stalk weight, 
juice weight and brix were measured in the same manner as in 2017 and 2018.   
5.2.4 Data Analysis 
M. sacchari counts in 2017 were done in a way that biased counts toward leaves 
with M. sacchari and are therefore only used to give a general description of aphid 
populations over the course of the year. In 2018 and 2019 cumulative aphid days were 
calculated within each sub plot using the equation ∑[(xi + xi−1)/2] × (ti − ti−1) (Brewer et 
87 
 
al. 2017). In this equation, x represents the mean aphid counts of the 40 leaves on day i 
and the previous sampling day, i-1, ti is ith date of aphid counts. Brix and juice weight of 
stalks was used to calculate kilograms of sugar per ten stalks in 2017 and 2018, and 
kilograms of sugar per hectare in 2019. A mixed model analysis of variance (ANOVA) 
was used to analyze cumulative aphid days (but not in 2017) and yield. In 2017 and 2018 
planting date was a fixed effect and block was a random effect. In 2019 planting date and 
insecticide treatment were fixed effects and block was a random effect. All tests were 
done in R v. 3.2.4 (R Core Team, 2016) with packages “nlme” (Bates et al., 2017) and 
“emmeans” (Lenth 2020). Data are deposited in the UKnowledge repository: 
https://doi.org/10.13023/drsp-hp03. 
5.3 Results 
5.3.1 Melanaphis sacchari Population 
In 2018 (ANOVA, F2,9=56.88, p<0.001) and 2019 (F2,6=124.35, p<0.001) 
cumulative aphid days were higher the later sweet sorghum was planted (Table 5-2). In 
2018, M. sacchari action threshold was only reached the week of harvest for late-planted 
sweet sorghum. In 2019, aphid counts in all four of the untreated subplots from the late-
plating date crossed the action threshold on August 28. Insecticide drenches were applied 
in two mid-plantings and one earl-plantings on July 26, 2019. The remainder were 
drenched on August 1, 2019. In 2019, Insecticide drenches reduced cumulative aphid 
days (F1,9=51.28, p<0.001), within mid- and late-plantings but not early (Table 5-2). 
Insecticide drenches did not prevent establishment of M. sacchari and by August 28, 
2019, aphid counts in two insecticide treated plots had crossed the action threshold, 
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although the subplots did not stay consistently over the action threshold in the following 
weeks. 
5.3.2 Harvest 
In 2017, the amount of sugar per ten stalks was similar in the early- and mid-
plantings (F1,2=0.01, p=0.95) (Table 5-3). The late planting was killed by frost in late 
October before it was ready for harvest. Kilograms of sugar per ten stalks in 2018 was 
highest for mid-planted sweet sorghum (F2,6=21.09, p=0.002), and yields from early and 
late planted plots were similar (Table 5-3). Similar to 2018, mid-planted sweet sorghum 
in 2019 had the highest yield (F2,6 = 46.90, p<0.001); early plantings had higher yields 
than late plantings (Table 5-3). Across the three plantings, insecticide applications 
reduced yield loss (F1,9=5.32, p=0.05). Interestingly, within planting date, insecticides did 
not impact yield, e.g. late planted with or without insecticide had the same yield (Table 5-
3).  
5.4 Discussion 
Planting grain sorghum early in the season reduces yield loss caused by M. 
sacchari (Szczepaniec 2018, Haar et al. 2019, Seiter et al. 2019). In our study, seeding 
sweet sorghum early in April greatly reduced cumulative aphid days; M. sacchari never 
exceeded action thresholds in 2018 or 2019 regardless of insecticide treatment. However, 
lowest cumulative aphid days did not correlate to highest yield. Mid-planted sweet 
sorghum had a higher yield than early-planted sorghum in 2018 and 2019. In the southern 
US, planting sweet sorghum in May generally has the highest yields (Hipp et al. 1970, 
Broadhead 1972, Teetor et al. 2011), although April plantings can have similar yield 
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(Erickson et al. 2011, Han et al. 2012). June-planted sweet sorghum generally produces 
lower yields than earlier months (Erickson et al. 2011, Teetor et al. 2011, Han et al. 
2012).  
Yields were similar within planting dates between insecticide treated and 
untreated subplots in 2019. However, this is possibly due to low statistical power within 
planting dates and an increased sample sizes may detect a difference. Insecticide 
drenches greatly reduced cumulative aphid days in 2019, but did not prevent the 
establishment of M. sacchari, nor in some instances, M. sacchari exceeding the action 
threshold. A month after application, there was a reduction in effectiveness because the 
action threshold was crossed on August 28, 2019 in insecticide treated sweet sorghum 
planted late in the season. Previous trials with sprayed applications of flupyradifurone 
found it effectively suppressed M. sacchari for at least four weeks in grain sorghum 
(Buntin and Roberts 2016, Zarrabi et al. 2018). None of the four late-planted insecticide 
replicates in 2019 consistently stayed over the action threshold, possibly due to the large 
number of natural enemies coming from control subplots. 
Effect of planting date on sweet sorghum in the absence of M. sacchari could not 
be tested here. However, the overall significant effect of insecticide on yield means that a 
reduction in M. sacchari does have some impact. Our results suggest, when exposed to 
populations of M. sacchari that do not cause crop failure, planting date is a larger 
predictor of yield than pest pressure. The lack of difference in yield despite the large 
difference in cumulative aphid days within planting dates implies that the action 
threshold of ≥50 M. sacchari on ¼ of the leaves searched may be too low. Sweet 
sorghum may be more tolerant of M. sacchari than grain sorghum which the action 
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threshold is based, or stalk juice is not as adversely affected by M. sacchari as seed 
production is.      
Transplanted sweet sorghum in this study was seeded in the greenhouse a month 
before mid-planted sweet sorghum, however, transplanted plants took longer to mature 
than mid- or late-planted sweet sorghum. Early planted sweet sorghum was harvested 10-
12 days before mid-planted. Planting sweet sorghum earlier in the season can increase 
development time (Teetor et al. 2011) because higher temperatures and longer 
photoperiod accelerate sweet sorghum development (Caddel and Weibel 1971). 
Transplanting sweet sorghum can also delay development relative to direct seeding 
(Agbaje and Olofintoye 2002).  
  While I determined the recommended (mid) planting date produced the highest 
yield, during this three-year field study, M. sacchari populations that caused crop failure 
did not occur. Depending on available grower management, planting early may be a 
viable method of preventing M. sacchari yield loss if insecticides are not an option, 
because early-planted sorghum had similar yields to mid-planted untreated sweet 
sorghum. Although the benefit to yield may depend on M. sacchari densities (Brewer et 
al. 2017, Gordy et al. 2019) which cannot be predicted. Early planting requires 
transplanting in Kentucky which necessitates different equipment than directly sowing 
the field. If growers do not use insecticides, then the benefits of early-planting sweet 
sorghum increase, because without chemical control yields from early-planted sweet 
sorghum was not significantly different from mid-planted non-insecticide sweet sorghum 
in 2019. Planting sweet sorghum after June in Kentucky should be avoided because 
yields were significantly reduced and there is increased risk of yield loss due to frost.  
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Table 5-1. Date of planting, first detection of M. sacchari, harvest date and days to harvest for 
each year. NA indicates there were no live crops to harvest 
Year 
Planting 
Treatment Planted 
M. sacchari 
Detected Harvested 
Days to 
Harvest 
2017 Early June 1 July 11 September 19 110 
 Mid June 16 July 11 October 3 109 
 Late June 30 July 25 NA NA 
2018 Early April 17 August 2 August 27 132 
 Mid May 11 August 10 September 4 116 
 Late June 15 August 10 September 27 104 
2019 Early April 15 July 26 August 27 134 
 Mid May 16 July 26 September 6 113 
  Late June 19 August 1 October 3 106 
 
 
 
 
Table 5-2. Cumulative aphid days (±SEM) of M. sacchari 
per 40 leaves in 2018 and 2019 for three planting dates and 
two insecticide treatments. No insecticide was used in 2018. 
Year 
Planting 
Date No Insecticide Insecticide 
2018 Early 1.7 ± 0.96 c NA 
 Mid 45.9 ± 13.24 b NA 
 Late 397.2 ± 76.94 a NA 
2019 Early 79.2 ± 23.76 d 120.91 ± 27.31 cd 
 Mid 1341.5 ± 270.75 b 245.4 ± 35.04 c 
  Late 13258.2 ± 692.92 a 1186.9 ± 139.23 b 
Different letters indicate significant differences within years 
(Tukey test, p ≤ 0.05) 
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Table 5-3. Sugar harvested from sweet sorghum. 2017 and 2018 
units are mean (±SEM) kilograms of sugar per 10 stalks and 2019 
units are mean (±SEM) kilograms of sugar per hectare. Dash (-) 
indicates treatment was not harvested. Insecticides were note used in 
2017 or 2018.  
Year 
Planting 
Date No Insecticide Insecticide 
2017 Early 0.79 ± 0.08 a NA 
 Mid 0.79 ± 0.03 a NA 
 Late - NA 
2018 Early 0.51 ± 0.05 b NA 
 Mid 0.78 ± 0.02 a NA 
 Late 0.44 ± 0.04 b NA 
2019 Early 5127 ± 496 b 5538 ± 282 b 
 Mid 6361 ± 408 ab 7267 ± 251 a 
  Late 3084 ± 218 c 3352 ± 222 c 
Different letters indicate significant differences within years (Tukey 
test, p ≤ 0.05) 
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CHAPTER 6. CONCLUSIONS 
M. sacchari is a severe pest of sweet sorghum with few management 
recommendations (Villanueva 2016). I set out to test conservation and augmentative 
biological control as well as cultural control tactics for M. sacchari in sweet sorghum. 
Many natural enemies of M. sacchari in Kentucky spend the winter in diapause. Food 
supplements improved H. convergens survival, nutrient content and spring reproduction. 
Interestingly, prey diet greatly increased weight and protein content of H. convergens, but 
inconsistently increased lipid and decreased carbohydrate. The latter two nutrients are 
believed to be the main winter metabolite for overwintering insects and were expected to 
be correlated with increased spring survival or reproduction (Hahn and Denlinger 2011). 
Providing habitat near fields which support non-pest prey items like collembola and 
spring flowers could improve the response of natural enemies by supporting their 
populations through winter and spring. Winter is an understudied portion of a natural 
enemy’s life cycle with great potential for further research into winter habitat 
improvement for conservation biological control.  
For targeted conservation biological control of M. sacchari during the growing 
season, I tested habitat alterations aimed at attracting natural enemies to sweet sorghum 
with methyl salicylate lures and buckwheat flowers. Buckwheat and methyl salicylate 
were intended to complement each other, attracting natural enemies and providing them 
with absent resources. This design was not successful at bringing more natural enemies 
into the fields. While natural enemies were more abundant within buckwheat border 
strips relative to non-buckwheat border strips, this did not translate to an increase of 
natural enemies within sweet sorghum plots. This disconnect between fields and borders 
has been observed in other studies (Koji et al. 2007, Bone et al. 2009, Woltz et al. 2012). 
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Intercropping buckwheat with sweet sorghum may be more effective at drawing natural 
enemies into fields. Methyl salicylate has been effective at attracting several natural 
enemies in different cropping systems (Rodriguez-Saona et al. 2011), but had no effect in 
this experiment. There have been documented instances where methyl salicylate has had 
negative effects on natural enemy abundance and predation rate (Vidal-Gomez et al. 
2018). The composition of semiochemicals natural enemies use to locate prey can be 
complex (Snoeren et al. 2010) and requires further investigation before methyl salicylate 
or other lures can be effectively used in sweet sorghum.  
During the three years of the natural enemy surveys in sweet sorghum, no signs of 
parasitoid attacks on M. sacchari were observed. Augmentative biological control with 
parasitoids in sweet sorghum may aid in the suppression of M. sacchari population 
growth. Two generations of commercially available aphid parasitoids were tested on M. 
sacchari. The three Aphidius spp. tested successfully produced progeny using M. 
sacchari as a host. Aphe. abdominals was less successful. Aphi. colemani produced the 
greatest number of mummies and adult parasitoids and reduced final M. sacchari 
numbers by 75%. Aphi. colemani demonstrated potential for augmentative biological 
control of M. sacchari. Augmentative releases of parasitoids in open fields have had 
mixed results (Höller and Haardt 1993, Montoya et al. 2000, Gardner et al. 2011, Gariepy 
et al. 2015). However, because of the success of my laboratory studies and the fact that 
wild Aphi. colemani have been observed to attack M. sacchari in the field (Salas-Araiza 
et al. 2017), this species is a good candidate for augmentative releases.  
Cultural control of M. sacchari via planting sorghum earlier in the season is 
effective at preserving yield in grain and forage sorghum but was not effective in sweet 
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sorghum. I found an early-planting date greatly reduced M. sacchari densities in sweet 
sorghum but also lowered yields relative to the recommended (mid) planting date. 
Planting early also increased developmental time of the sweet sorghum. Interestingly, 
suppressing M. sacchari with insecticide did not significantly impact yield within 
planting dates, possibly indicating that planting date can have a larger impact on sweet 
sorghum yield than M. sacchari. It is also possible that sweet sorghum is more resistant 
or tolerant to M. sacchari feeding than grain sorghum and the action threshold 
recommended for sweet sorghum should be increased. 
Sustainable management of M. sacchari and other pests will include a 
combination of management tactics. My experiments with cultural, conservation 
biological, and augmentative biological controls are a step towards sustainable 
management. The methods tested here are compatible with one another. Future research 
could focus on several aspects of sweet sorghum management. A sweet sorghum-specific 
action threshold should be developed along with conditions in which sweet sorghum is 
recommended to be harvested early. Sweet sorghum varieties do support different M. 
sacchari densities and sustain different levels of leaf damage (Uchimiya and Knoll 2019). 
Further exploration could establish resistant or tolerant varieties. Other methods of 
improving biological control of M. sacchari include sugar sprays to better retain natural 
enemies (Seagraves et al. 2010), banker plants to supply natural enemies with alternative 
prey (Andorno and López 2014) and release of predacious natural enemies (Daane and 
Yokota 1997). Reliance on a single or limited set of management tactics is not 
sustainable and further management tactics whether biological or cultural, need to be 
developed to manage M. sacchari in sweet sorghum. 
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APPENDIX 1.  ENTFact: The sugarcane aphid, a significant new insect pest of sweet 
sorghum in Kentucky 
Online version at: https://entomology.ca.uky.edu/ef157 
The sugarcane aphid (SCA), Melanaphis sacchari (Hemiptera: Aphididae), has 
been present in the United States since the 1980’s, as a very minor pest on sugarcane in 
the southern United States. However, a new strain of SCA, likely originating in Asia or 
Africa, was found infesting sorghum fields in the southern United States in 2013. The 
SCA was first detected  infesting sweet sorghum in Kentucky in 2015, and has been 
reported on sweet sorghum in subsequent years. Kentucky has the highest acreage of 
sweet sorghum in the United States; over 2,000 acres are planted annually producing $16-
27 million of sweet sorghum. The sugarcane aphid poses a significant threat to this 
important agricultural commodity in Kentucky. 
In addition to infesting sweet sorghum, SCA feeds on grain and forage sorghum, 
hybrids of sudangrass and Johnson grass in Kentucky. SCA migrates north from 
overwintering regions in southern Texas and northern Mexico to re-colonize Kentucky 
each year. To survive the winter SCA must have a green (live) host plant to feed on. No 
suitable host stays green outside during winter in Kentucky, therefore SCA cannot 
survive Kentucky winters outdoors. SCA in the US are all female, reproducing asexually 
(producing clones). Each adult female can produce 96 nymphs (young aphids) over 2-5 
weeks resulting in large infestations of SCA on a single leaf (Figure 1).  
Damage  
Large infestations of SCA in sweet sorghum can cause serious damage, and in 
some cases result in complete crop loss if left untreated. Damage to sweet sorghum 
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results in loss of yield, growers have reported harvesting one quarter of expected yields 
from fields under heavy infestation. SCA infestations often start on the lower leaves of a 
plant, but as the season progresses will be found on higher leaves and the seed head. SCA 
is not known to transmit any plant pathogens that damage sweet sorghum. 
SCA can damage sweet sorghum production in three ways. First, loss of plant sap 
by feeding aphids weakens and can kill sweet sorghum plants. Secondly, plant health can 
be reduced by sooty mold build up which grows on the liquid waste (honeydew) 
produced by SCA. Sooty mold coats leaves and blocks photosynthesis. Third, infestations 
in sweet sorghum can reduce the sugar content of juice and alter the syrup flavor.  
Identification 
SCA have a yellow to pale yellow body and black antennae, feet (tarsi) and tail-
pipes (cornicles). Winged forms of SCA are brown to dark yellow (Figure 2). In 
Kentucky, three other species of aphids can commonly be found colonizing sweet 
sorghum: corn leaf aphid, greenbug and yellow sugarcane aphid (Figure 3). Both the corn 
leaf aphid and greenbug can be easily distinguished from SCA by their green color. Corn 
leaf aphid is normally found in the whorl of sorghum, while SCA is normally on lower to 
mid-plant leaves until late in infestations. The yellow sugarcane aphid adults have rows 
of yellow spines along their body. Only SCA reaches damaging levels on sweet sorghum 
in Kentucky.  
Management 
 General: An important first step in the management of SCA is to manage 
alternate hosts, such as Johnson grass, and volunteer sorghum. Management of alternate 
hosts should especially be done in structures that are heated during the winter, e.g., 
greenhouses. Winter temperatures in Kentucky are lethal to SCA, but structures such as 
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greenhouses can provide SCA winter shelter and allow them to infest fields early in the 
spring. A second management tactic is to reduce the time sorghum is exposed to 
damaging levels of SCA, by planting as early in the growing season as possible. While 
planting just after the threat of spring frost would be ideal to avoid SCA, sweet sorghum 
seeds need warm soil to germinate.  Soil temperature at a depth of 2 inches should be 
65°F for direct seeded sorghum. Some producers transplant their sweet sorghum. This 
management practice allows for earlier crop development because seeds are started 
earlier plus the recommended soil temperature for transplanting is 60°F. Later maturing 
varieties perform better in the transplant system than earlier maturing varieties 
www2.ca.uky.edu/agcomm/pubs/agr/agr122/agr122.pdf). The length of time the sweet 
sorghum crop is exposed to SCA could also be reduced by growing an earlier maturing 
variety, although early maturing varieties generally grow to a shorter height and yield less 
than later maturing varieties. 
Scouting: Weekly scouting for SCA should begin in the first week of June. 
Scouting involves inspecting eight sets of five sorghum plants in a field. On each plant, 
the underside of one leaf between knee and chest height should be checked for SCA. 
After SCA has been detected in a field, scouting should be increased to twice a week. A 
single plant is defined as infested if 40 or more SCA are found on the searched leaf. The 
action threshold for chemical insecticide application is when 25% or more of plants 
searched are infested. This action threshold is based on economic thresholds for grain and 
forage sorghum. Timely application of pesticides once action thresholds are reached will 
prevent SCA from reaching damaging population levels. After chemical applications 
scouting should continue for SCA sincw populations may increase again.  
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MyFields (https://www.myfields.info/pests/sugarcane-aphid) has maps of where 
SCA has been reported in the US in the current and previous years and provides links to 
other SCA information. Preventive insecticide sprays below the threshold are not 
recommended. SCA infestations often do not reach damaging levels and do not need 
treatment. SCA are preyed upon by numerous insects which would also be reduced by 
pesticide sprays (Figure 4). To conserve these natural enemies and save time and money 
it is important to use a threshold to determine when to spray your crop.   
Chemical Management: The only labeled insecticide for aphid management in 
sweet sorghum is insecticidal soap. Rates for insecticidal soaps can vary; read the label 
for specific application requirements. Insecticidal soaps are only effective when wet and 
should be applied in late afternoon or evening to maximize the period the soap is active. 
In the past, EPA has granted Kentucky a Section 18 emergency exception to allow use of 
certain insecticides for management of SCA. Section 18 exemptions are granted to states 
on a year by year basis. Please check with your county extension agent to see if the 
Section 18 has been granted for the current year. Sivanto Prime can only be applied to 
sweet sorghum under this exemption. Please contact your county agent to see if one has 
been granted for the current year. If a Section 18 is granted, the applicator must have a 
copy of the Section 18 label, be a certified pesticide applicator (private or commercial) 
and report acreage and volume sprayed to the Kentucky Department of Agriculture ((502) 
573-0282 or agweb@ky.gov). This reporting aids Kentucky in obtaining the emergency 
exemption from the EPA in the future. 
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Figure 1. Over a thousand sugarcane 
aphids on a sweet sorghum leaf, 
counted by estimation. 
① 
② 
③ 
④ 
Figure 2. Sugarcane aphid, (1) nymphs, 
(2) shed skin, (3) winged adult, (4) 
wingless adults 
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Figure 3. Four species of aphids that can 
infest sweet sorghum 
Figure 4. Sugarcane aphids being eaten by 1) lady 
beetle larvae, 2) lacewing larva, 3) aphid midge 
larvae, 4) hover fly larva 
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APPENDIX 2.  Field release of Aphidius colemani for management of Melanaphis 
sacchari in sweet sorghum 
Introduction 
 Aphidius colemani significantly suppressed Melanaphis sacchari populations and 
produced viable progeny in greenhouse experiments (Chapter 4). Augmentative 
biological control with A. colemani may be a viable means of managing M. sacchari in 
sweet sorghum fields. Augmentative releases of parasitoids can be effective at 
suppressing aphid pests, e.g. Aphidius colemani Viereck (Hymenoptera: Braconidae) for  
Myzus persicae Sulzer (Hemiptera: Aphididae) (Vasquez et al. 2006) or Aphidius ervi 
Haliday  for Aulacorthum solani Kaltenbach (Hemiptera: Aphididae) (La-Spina et al. 
2019). The objective of this experiment was to test the effectiveness of field releases of 
A. colemani to suppress M. sacchari populations in sweet sorghum production.  
Materials and Methods 
 Sweet sorghum fields were selected in Hestand Kentucky, US in 2019. Fields 
were cultivated and managed by Amish growers for commercial production. General 
agronomic practices performed by growers were as follows; field rows were 1 m wide 
and plants thinned to one plant per 0.3 m. Weed management was done with horse drawn 
tiller, no herbicides were used. Insecticidal soap was sprayed once action thresholds were 
crossed by growers at a rate of 1.5% per hectare. Growers harvested and processed the 
sweet sorghum once the plants had reached at least the soft dough stage and juice brix 
(percent sugar in an aqueous solution) was between 15o to 18o brix. This is considered the 
ideal time to harvest sweet sorghum. Eight fields were selected to test A. colemani 
releases. To reduce variability between fields, the eight fields were paired based on 
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planting date and proximity to one another, yielding four pairs. All fields were between 
0.4 -1.2 ha and no more than 1.8 k apart. Within each pair, one field was randomly 
designated as an A. colemani release field and one as a control field. Fields within a pair 
were less than 50 m apart. In all fields M. sacchari were counted in the same manner as 
in Chapter 3 and 5. Initially only one pair of fields were available at the start on June 21, 
2019. Heavy spring rains had either delayed planting or necessitated replanting for some 
of the fields. The June 21 field pair was used to monitor for M. sacchari. The remaining 
three pairs were included in surveys by July 12. Surveys for M. sacchari were performed 
until August 30, when harvesting of the fields began.  
At the first observation of M. sacchari in a release field (regardless of M. sacchari 
densities), A. colemani were ordered from the insectary (Rinco-Vitova Insectaries Inc., 
Ventura, CA, US) and shipped to labs at the University of Kentucky, Lexington KY, US. 
Once received from the insectary, parasitoid pupae were kept in cages (bugDorm ®, 
Megaview Science Inc., Talchung, Taiwan) at 22o C, 14:10 L:D. Cotton balls soaked in a 
1:1 water honey solution were supplied for adult parasitoids. Parasitoids were released 48 
hrs. after reception by walking along the middle of the field (at least 40 m from the field 
edge) and shaking cages to disperse A. colemani. A. colemani were released at a rate of 
14,800 individuals per hectare. Initially, fields were checked 12 days after parasitoid 
releases for mummies, however, no mummies were found from the first field release. 
Therefore, fields were checked eight days after release in subsequent releases. M. 
sacchari were analyzed by calculating cumulative aphid days (see Chapters 3 and 5) for 
each field. Aphid mummies found and cumulative aphid days were compared separately 
using a paired t test. 
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Results and Discussion 
 M. sacchari was first observed on July 12, 2019, and eventually in all eight fields 
by August 2. A. colemani were released once in each field, one field on July 19, the other 
three on August 9, totaling 42,000 parasitoids. No mummies were found 12 days after the 
July 19 release and it was decided that fields should be checked for mummies eight days 
after the second release. Another potential issue with the first release was it was done on 
the hottest day of the year, July 19, 35oC. A. colemani optimal temperature is 20-25oC 
(van Steenis 1993, Zamani et al. 2007). In the other three releases, only one possible 
mummy was found in a paired control field, no others were found. Insecticidal soap was 
sprayed three days after parasitoid release in one field, leading to high aphid mortality 
and killing the potential hosts of A. colemani and possibly adult A. colemani. 
Cumulative aphid days did not differ between release, 489.75 ± 139.19, and no 
release, 508.08 ± 127.65, fields (t = 0.18, df = 3, p = 0.87). Exact syrup yield was not 
recorded by growers, but was reported to not differ between field pairs, averaging 1,870 
liters per hectare. Adult, A. colemani do not have a long life span, with less than 20% of 
the population alive after six days in greenhouses (van Steenis 1993). Releasing A. 
colemani immediately after arrival from the insectary may improve their release efficacy. 
A. colemani are dispersing and not attacking M. sacchari (Gariepy et al. 2015). Chapter 4 
was done under no choice conditions and in the field, they may not prefer M. sacchari. 
Another possibility is that releases were done in the early morning, before 0900 when 
temperatures did not exceeded 25oC. Releases done in the evening may provided more 
time below 25oC, increasing their longevity.  
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